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ABSTRACT 

Soil bacterial communities are known to play a significant role in ecosystems as 

they are responsible for, among other things, nutrient cycling, and plant and rhizosphere 

interactions.  Those bacterial communities which persist in arid environments have 

gained special attention over the past several years as life in these environments is often 

believed to be limited due to a lack of available water.  Since soil bacteria play such a 

significant role in the environment, understanding how seasonal changes in soil moisture 

and temperature affect bacterial community structure and function is critical for 

understanding how soil bacteria contribute to the functioning of arid ecosystems.  

However, the study of soil bacterial communities has been limited due to difficulties 

experienced in culturing organisms from the environment. Furthermore, PCR-based, 

culture-independent techniques have become increasingly popular amongst researchers, 

but these techniques impose a bias limiting observations to only the most DNA-dominant 

bacterial species, species which are not believed to play a large functional role in the 

ecosystem.  Hence, a large and possibly important proportion of the bacterial community 

could be commonly overlooked.   

A year-long, two-part research project was conducted to examine seasonal and 

spatial patterns of soil bacterial communities in three sites along the Pine Canyon 

Watershed of Big Bend National Park.  The first study examined the DNA-dominant 

bacterial community structure using PCR and Denaturing Gradient Gel Electrophoresis 

along with Fatty Acid Methyl Ester analysis.  These techniques revealed a stable DNA-
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dominant bacterial community structure throughout the summer and winter seasons.  No 

significant changes in bacterial structure were recorded following a large precipitation 

event during August 2006 following an extended period of drought.  The second 

component of the project utilized a culture-based approach to examine the culturable 

bacterial communities within the three sites along the Pine-Canyon Watershed.  The 

culture-based approach revealed that two different assemblages of soil bacteria exist, a 

culturable-dominant and a culturable-non-dominant.  The culturable-dominant 

assemblage remained relatively stable across seasons and during the large precipitation 

event of August 2006.  The culturable-dominant community consisted largely of bacterial 

species of Arthrobacter and Burkholderia.  However, the culturable-non-dominant 

assemblage responded to seasonal changes by either increasing or decreasing in 

population density and increased in density during the precipitation event.  The responses 

observed in the culturable-non-dominant assemblage may provide an explanation for the 

difficulty many researchers experience in culturing organisms from the environment.  

Furthermore, culture-dependant techniques proved to be more sensitive in detecting 

changes in the bacterial community structure than culture-independent based techniques.   

To aide in the collection of data using the molecular approach, computer software 

was developed using the C# computer language.  The software has been made available 

at: http://www.biol.ttu.edu/faculty/jzak/dgge_soft.   
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DEFINITIONS OF ABBREVIATIONS 

BBNP  - Big Bend National Park. 

DGGE  - Denaturing gradient gel electrophoresis. 

 

FAME  - Fatty acid methyl ester. 

GASC - Low-nutrient culture medium containing glucose, acetate, succinate and 

cellobiose as the main carbon sources.  Three different GASC medium 

were utilized in this study, each differed in pH buffer (HEPES, MOPS, 

MES). 

 

GS  - The low-elevation, Glenn Springs site. 

HEPES - 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid.  pH buffer utilized 

with GASC medium. 

 

LM  - The high-elevation, Lost Mine site. 

MES - 2-(4-morpholino)-ethanesulfonic acid.  pH buffer utilized with GASC 

medium. 

 

MOPS - 3-(N-morpholino)-propanesulfonic acid.  pH buffer utilized with GASC 

medium. 

 

NA 
1
/100 - Nutrient Agar medium diluted 

1
/100 

PCR  - Polymerase chain reaction. 

SG  - The mid-elevation, Sotol Grasslands site. 

TYA 
1
/1000 - Tryptone yeast agar diluted 

1
/1000 

VBNC  - Viable but non-culturable. 
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CHAPTER I 

INTRODUCTION 

Various techniques have been employed to determine bacterial diversity and have 

demonstrated that a single gram of soil can contain upwards of 2x10
9
 cells (43) and 4x10

3
 

different species (40).  However, knowledge of this vast diversity in the environment has 

only dwarfed the achievements of microbiologists in cultivating never before isolated 

strains.  It has also enlightened many to the potential economic value that these species’ 

biochemical pathways may hold, as many thrive in extreme environments.  

 It is thought that less than 1% of the bacteria present in the environment have 

been cultivated in the laboratory (19).  One hypothesis developed to explain this is based 

on the observation that certain bacteria enter a non-culturable state when nutrient levels 

become low or the environment changes so that it is no longer suitable for the organism. 

This hypothesis, referred to as the Viable but Non-Culturable state (VBNC) is 

characterized by the shutting down of metabolic processes in cells in response to less than 

optimum abiotic conditions; however, cells still remain viable.  Active growth in these 

cells can be reinitiated by slowly re-exposing cells to low levels of nutrients and optimal 

environmental conditions (44).  This characteristic has been documented for Vibrio 

vulnificus, Escherichia coli and Vibrio cholerae (26, 44).  However, the validity of the 

VBNC hypothesis is highly questionable as many Gram-positive species such as 

Staphylococcus aureus have been shown to enter a Starvation-Survival Response (42), 

which is characterized by a phase of Cryptic growth.  In this phase, a large portion of the 
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bacterial population die and subsequently provide a nutrient source capable of supporting 

slow cellular growth of the surviving cells (30).  It has therefore been concluded by many 

microbiologists that this hypothesis lacks evidence (4). 

  A more widely accepted hypothesis to explain the difficulty in culturing bacteria 

in the environment is that of oligotrophy, which is based on the observation that many 

environmental bacteria can only be isolated using media with low nutrient levels.  These 

nutrient levels in isolation media are equivalent to levels likely to be found in the 

organism’s natural environment (22).  Oligotrophy also divides bacteria into four distinct 

groups based on observations of bacterial responses to organic carbon sources and 

concentrations; however, only two of these groups are of major importance as they deal 

with the initial cultivation of bacteria from the environment.  The first group is comprised 

of bacteria that can only be cultured with the use of specialized media; the second group 

is made up of those that have been stated as being non-culturable, many of which have 

been only detected through the use of molecular techniques or microscopy (7, 13, 14, 22, 

40).  Conversely, the number of suspected bacteria in the second group is steadily 

declining as new specialized media are being developed. 

Regardless of the validity of VBNC and the oligotrophy hypotheses, both support 

the necessity of low-nutrient media for isolation of bacteria from environmental samples.  

There are several proposed explanations for this, one of which states that if initially 

grown on media of high nutrient levels, the cells will produce greater levels of oxygen 

radicals and hydrogen peroxide, resulting in cellular destruction (22, 28); this has been 

demonstrated to play a factor in Vibrio vulnificus resuscitation from its proposed VBNC 
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state (6).  Another accepted hypothesis is that organisms better suited to high nutrient 

conditions (copiotrophs; 28) will out-compete oligotrophs (21).  Hence, Kuznetsov et al. 

(22) define a low-nutrient media as one which contains between 1 – 15 mg carbon/liter.  

Although seemingly low, concentrations less than 1 mg carbon/liter have been shown to 

be more than sufficient to support cellular division over a period of several days (47); 

therefore, these levels of carbon have become standard practice in the production of 

media of low nutrient for cultivation of bacteria from the environment. 

Specialized Media.  The difficulty imposed by standard bacterial cultivation 

techniques has caused some to devise new procedures for cultivating unculturable 

bacteria (9, 34, 46). Although these techniques have shown promise in cultivating 

bacteria which exist in high density, their use in cultivating rare species is inferior when 

compared to standard procedures for bacterial cultivation (32).  Several investigations 

have demonstrated a large variation in the impact of media formulation on bacterial 

growth.  For instance, Buck (8) showed that fish peptones produced higher cell counts of 

marine bacteria from offshore than inshore sites.  The media VL55 devised by Sait et al. 

(31), containing Xylan as the primary carbon source, was responsible for the cultivation 

of isolates from the phylum Acidobacteria and isolates of the class Alphaproteobacteria.  

A continuation of this study, which supplemented other carbon sources for Xylan, 

resulted in the cultivation of several new members of the phyla Acidobacteria, 

Verrucomicrobia and Actinobacteria (17).   

 In an effort to increase culturability of eubacteria, several factors other than 

carbon sources have been identified.  Culture work by Janssen et al. (15) demonstrated 
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the possibilities of changing gelling agents in media to increase culturability.  Here, 

viable cell counts were higher in Dilute Nutrient Broth (DNB) solidified using Gellan 

Gum than in DNB solidified with agar.  However, a subsequent study revealed no 

significant difference in viable counts between similar gelling agents (31).  Another study 

by Tamaki et al. (39) compared gelling agents and showed greater proportions of 

bacterial assemblages growing preferentially on Gellan Gum rather than agar (39). The 

use of different pH buffers also affects the culturability capabilities of media.  HEPES-

buffered media produced greater colony counts of freshwater bacteria over phosphate and 

non-buffered media (5).  The use of MOPS as a buffering agent was more productive 

than phosphate buffering (5, 16, 24); however Bartscht et al. (5) has shown non-buffered 

media to produce greater colony counts than MOPS-buffered media. 

Culture-Independent Techniques.  Due to the inabilities of most culture 

based studies to provide a comprehensive representation of microbial community 

structure, the majority of biodiversity studies have utilized molecular techniques to gain 

an overall picture of microbial diversity.  Various molecular techniques have been 

utilized over the past several years; however, the majority of these techniques require the 

amplification of DNA in the Polymerase Chain Reaction (PCR).  Therefore, these 

techniques are subject to various forms of bias from the PCR technique (38).  Denaturing 

Gradient Gel Electrophoresis (DGGE) is currently the most commonly used molecular 

technique for studying microbial community structure associated with various 

environmental samples. It has been utilized for nearly every environment for which 

cultivation is difficult or fails to produce a detailed representation of microbial 
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community structure.  Ovreas et al. (27) utilized DGGE to map Archaeal communities in 

aquatic environments.  Several studies have utilized DGGE to determine bacterial 

diversity in hot springs, oil contaminated soils and in agricultural systems (10, 12, 37).   

Another technique to examine bacterial community structure, Fatty Acid Methyl Ester 

(FAME) analysis, does not rely on the amplification of DNA through PCR.  FAME 

allows for identification of microbes based on their known unique characteristic fatty 

acids. A major advantage of FAME analysis, which is absent in most molecular 

techniques, is that FAME analysis can provide an indication of the activity of specific 

microbial elements by quantifying the fatty acids in an environmental sample that are 

specific to certain groups of microbes (20, 45).  In a study by Ka et al. (18), FAME was 

utilized to identify specific Pseudomonas species in agricultural soils.  Norton et al. (25) 

showed that FAME could be used in the analysis of the inhabitants of biofilms associated 

with different water treatment piping.  In his analysis, Norton and co-workers were able 

to detect changes in population concentrations of Gram-positive and Gram-negative 

species in response to chlorination.     

Denaturing Gradient Gel Electrophoresis (DGGE).  The DGGE technique 

was originally designed for detecting single base mutations in DNA and has subsequently 

been applied to studying the diversity of microbial communities (2, 3).  DGGE allows for 

differentiation of DNA based on the differences between DNA molecules in G C content 

and ordering by chemical denaturing (1).  The gel is composed of the chemicals urea, 

formamide and acrylamide, each of which plays a role in the differentiation process.  

Each of the chemicals is present in a gradient of concentration, running from low 
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concentration at the anode (-) to high concentration at the cathode (+). Urea is present to 

prevent hydrophobic interactions within a DNA molecule (41).  The purpose of the 

acrylamide is to create a pore network throughout the gel; pore size varies depending on 

acrylamide concentration, getting smaller as concentration increases.  The formamide 

causes the breakage of hydrogen bonds between complementary bases in DNA.  

Depending on the G C content, a dsDNA will denature quickly or slowly in the presence 

of a certain concentration of formamide (1).  Once the molecule is denatured to a certain 

point, it will be unable to pass through the pores created by the acrylamide, at which 

point it can be stained and becomes detectable as a band. This allows for an extremely 

high resolution of DNA separation, so much that even single base changes in a DNA 

sequence can be differentiated from one another. 

Fatty Acid Methyl Ester (FAME).  The uniqueness of fatty acids (lipids) of 

different species of bacteria was first discovered by early chemists working to identify 

actinomycetes.  The use of fatty acids as taxonomic markers of bacteria has since become 

common practice, specifically the β-hydroxy, cyclopropane fatty acids and several 

branched chain fatty acids which are not present in organisms of other kingdoms (23).  

Fatty acids can be extracted from bacteria in various substrates, such as soil and culture 

media, using very similar techniques.  For bacterial cultures grown directly on agar or 

liquid medium, cells are collected using a sterile loop or centrifugation.  Bacterial 

communities in soil are analyzed using ~3 g of soil.  Two methods are currently in use for 

Fatty Acid extraction, MIDI Extraction and Ester-Linked Extraction (EL).  Both are 

compared and described in a study by Schutter and Dick (33) as follows: 
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 The MIDI extraction requires the cells/soil to be submerged in a solution of 

chloroform and MeOH, and then boiled in a 100ºC water bath for 30 minutes.  A solution 

of 6 M HCl:MeOH is then added and the samples are incubated at 85ºC for 10 minutes.  

Finally, a solution of hexane:methyl-tert butyl ether is added which extracts the FAMEs 

into an aqueous organic phase of the solution.  This phase can be separated and washed, 

followed by FAME content analysis using gas chromatography and a Hewlett-Packard 

5890 Series II (Palo Alto, CA).   

 The EL extraction technique requires the cells/soil sample to be submerged in an 

alkaline solution of 0.2 M KOH and MeOH.  The sample is then incubated for 1 hour at 

37ºC.  Next, 1 M acetic acid is added to the sample, neutralizing the alkaline KOH.  

Hexane is added, separating the solution into two phases, with the organic phase 

containing the FAMEs.  The organic phase is transferred and evaporated under a stream 

of N2, concentrating the FAMEs, which are then re-suspended in a solution of 

Hexane:Methyl-tert Butyl Ether and analyzed as done in the MIDI technique.  Schutter 

and Dick (33) state that the use of an alkaline solution reduces a bias generally caused by 

the inclusion of free fatty acids which are not associated with living organisms.  Alkaline 

conditions allow for the extraction of only Ester-Linked fatty acids.   

 The comparison between both extraction methods conducted by Schutter and 

Dick (33) demonstrated that the two techniques have their biases.  MIDI extracted higher 

quantities of certain short chain fatty acids (9:0, 10:0, 12:0, 13:0 and 14:0) which the EL 

technique was only able to extract in lower amounts.  Conversely, the EL technique 

extracted longer fatty acid chains more efficiently than the MIDI technique.  However, 
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both techniques have been employed and shown to be successful in analyzing microbial 

communities (29, 35). 

 

JUSTIFICATION 

 Understanding the microbial diversity of extreme environments has become 

important to determining the impact of land usage patterns on biodiversity.  Moreover, 

every microbe that is capable of surviving in extreme environments, such as dry-hot 

deserts, may hold secrets to new biochemical processes that make that life possible.  Of 

even greater value would be the development of new techniques capable of extracting 

these bacteria from their environment.  Therefore, this study will attempt to classify 

bacterial community structure from arid landscapes and identify specific bacterial 

elements from an elevation gradient using culture-independent techniques and culture-

dependant techniques based on the techniques utilized by Stevenson et al. (36) and Ellis 

et al. (11). 

 

RESEARCH OBJECTIVES 

Objective #1. 

Examine Patterns of soil DNA-Dominant bacterial communities along an elevation 

gradient in the Chihuahuan Desert across seasons. 
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Objective #2 

Examine seasonal differences in the diversity of culturable-dominant and culturable-non-

dominant soil bacterial communities along the environmental gradient. 

 

STUDY SITES 

This study was conducted in the Chihuahuan Desert in Big Bend National Park, 

Texas.  Soil from three vegetation zones located along the Pine Canyon Watershed 

elevation gradient, were sampled for this investigation.  The lowest elevation site, Glenn 

Springs (GS) is located at an elevation of ~793 m.  The soil at GS has an average pH of 

8.37 and is dominated by Leucophyllum, Agave grasses and sub-shrubs.  The mid-

elevation Sotol Grasslands (SG) occur at an elevation of 1526 m and is very diverse in 

plant composition but is mainly dominated by species of Dasylirion, Nolina and 

Bouteloua.  The average soil pH is 5.91.  The Lost Mine (LM) site is the highest 

elevation site of the watershed at an elevation of 2098 m.  LM is a forest dominated by 

Quercus and Pinus with an understory of grasses, with an average soil pH is of 6.45.  

Each site contains two 100-m belt transects along which twenty samples were randomly 

collected in August 2005 and January and August 2006 to address the research 

objectives. 
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CHAPTER II 

MICROBIAL COMMUNITY STRUCTURE AND RESPONSE OF DOMINANT SOIL 

BACTERIA TO ENVIRONMENTAL CONDITIONS IN THE CHIHUAHUAN DESERT 

 

ABSTRACT 

 Patterns of soil bacterial diversity have been strongly linked to soil pH.  However, 

how other environmental and edaphic parameters influence species composition, 

community structure and diversity of soil microbes is not well understood.  This study 

examined patterns in microbial community structure and occurrences of the dominant soil 

bacteria in relation to environmental variability along an elevation gradient in the 

Chihuahuan Desert at Big Bend National Park.  Microbial analyses were conducted using 

Denaturing Gradient Gel Electrophoresis (DGGE) and Fatty Acid Methyl Ester (FAME) 

analysis from soils collected from three vegetation zones (lowland desert scrub, mid-

elevation Sotol grasslands, and a high-elevation Oak-Pine Forest) along the Pine Canyon 

Watershed.  Band counts of PCR-amplified 16S rDNA from DGGE did not reveal 

substantial changes in bacterial occurrences across season or site along the elevation 

gradient.  The highest number of DGGE bands occurred in the mid-elevation Sotal 

grasslands as compared with the low desert scrub site or the high-elevation Oak-Pine 

Forest.  Concentrations of bacterial and actinomycete FAMEs were stable across the 

elevation gradient irrespective of vegetation differences.  The low desert site had the 
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largest quantities of bacterial and actinomycete fatty acid signatures along the gradient.  

Fungal FAME levels differed significantly across sites with the highest levels occurring 

at the high elevation Oak-Pine Forest.  Microbial community structure and the 

occurrences of the dominant bacterial assemblages reflect the long-term climatic 

conditions of the landscape irrespective of vegetation.  Seasonal variation in soil 

nutrients, soil moisture and soil temperature may control microbial functionality rather 

than microbial community structure.   

 

INTRODUCTION 

Through DNA fingerprinting techniques, bacterial community composition in 

soils has been shown to be strongly influenced by soil pH (14).  Whereas soil pH is a 

strong determinant of microbial species occurrence and diversity patterns, the dynamics 

responsible for soil bacterial community structure over a gradient of soil characteristics 

and across landscapes and across seasons is not well understood.  Soil bacteria have 

significant roles in ecosystem functioning including nitrogen cycling (24), antibiotic 

production (42) and plant disease (15, 43).  For these reasons, understanding potential 

changes in bacterial community structure in response to environmental gradients and the 

underlying mechanisms by which organisms survive and interact with their surroundings 

has scientific and economic importance, especially within the context of potential climate 

change and extreme environments. 

 Some of the most extreme environments are considered to be those of desert 

ecosystems.  Often, the most severe selective pressure experienced by desert soil bacteria 
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is a lack of available water for extended periods of time that are interspersed with 

moisture windows (55).  For this reason, it is believed that microbial growth is limited to 

specific seasons when precipitation events provide adequate soil moisture (22), with 

bacterial biomass being increased over a period of 24-30 days, but peaking at around six 

days after the rain event (33).  However, small bursts of microbial growth may be 

possible following deposition from predawn dew (22, 37).   

Only a few attempts at characterizing bacterial communities and diversity in 

desert ecosystems have been made.  Chanal et al. (10) examined the microbial diversity 

of the African desert of Tataouine and isolated radiotolerant bacteria.  Steinburger et al. 

(41) observed an increase in microbial biomass with rainfall during the winter in the 

Judean Desert.  Campbell et al. (9) proposed a relationship between densities of 

oligotrophic bacteria isolated from low elevation sites in the Chihuahuan Desert to 

concentrations of extractable NH4
+
-N and soil pH.   

Study of bacterial communities within the natural environment has been greatly 

hampered by the failure of common culture techniques to provide a means by which a 

large and unbiased portion of the bacterial community can be enumerated at a given 

sampling time (50).  Current estimates, based on DNA re-association (49), state that one 

gram of soil may contain upwards of 4x10
3
 different species of bacteria (50); however, 

less than 1% of the known bacterial diversity have been cultivated in the lab.  Therefore, 

the majority of recent studies of bacterial communities have relied upon molecular 

techniques to obtain a broad-scale overview of community structure, but these techniques 

are themselves not without faults (23).  One technique in particular, the Polymerase 
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Chain Reaction combined with Denaturing Gradient Gel Electrophoresis (PCR-DGGE) 

(1), has been demonstrated to be highly effective in producing insight into bacterial 

community species richness (26, 39, 44, 54).  However, biases associated with any PCR-

based technique (12, 18, 19, 45) must be kept in mind when interpreting community data, 

as PCR biases make it suitable for detecting only the most dominant species within the 

community (16, 28).  

Due to the biases associated with the PCR-based techniques used for community 

analysis, it is common practice to reinforce these data with non-molecular analyses.  

Fatty Acid Methyl Ester (FAME) analysis can reveal broad scale patterns in soil 

microbial communities and shifts in structure and composition in response to disturbance 

or manipulation (4, 5, 25, 29, 35).  When performing FAME analysis, the problems of 

fatty acid cross-over between species (7), changes in FAME outcome based on storage 

and handling of soils (57) and fatty acid extraction technique (38) must all be taken into 

account. The community data obtained through FAME is, however, directly comparable 

to community data obtained through PCR-based techniques (35).  

In this study, the diversity of dominant soil bacterial assemblages and subsequent 

microbial community structure within three vegetation zones along an elevation gradient 

within the Chihuahuan Desert were evaluated through FAME and PCR-DGGE analyses 

of 16S rDNA amplicons.  Changes in dominant bacterial community structure in relation 

to site-specific edaphic conditions and seasonal environmental conditions were also 

ascertained.  Because the study sites along the elevation gradient range greatly in edaphic 

characteristics, soil temperature and precipitation amounts, results from this study can 
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randomly chosen for molecular and biochemical analysis.  Soil-chemistry and microbial 

data were obtained from all samples within one week of collection.   

Soil and Environmental Characteristics.   An Orion pH probe (ATI Orion; 

Boston, MA) was used in determining soil pH of a 2:1 paste at room temperature (36).  

Microbial Biomass Carbon (MBC) was obtained using the chloroform-fumigation and 

K2SO4-extraction technique (32, 52).  Freshly collected soils were dried for 24 hours at 

60°C to calculate Percent Soil Moisture (%M).  Extractable ammonium (NH4
+
-N) was 

obtained following extraction using 2.0 M KCl and determined spectrophotometrically 

(30, 51).  Extractable nitrate was determined by A&L Plains Laboratories (Lubbock, TX) 

using ion-specific probes.  Soil Organic Matter (SOM) was determined using loss on 

ignition following combustion at 450°C for 24 hrs (36).  Soil temperatures were obtained 

at 15-cm depths using Onset temperature probes (Bourne, MA) set to record at 36 min 

intervals. 

DNA Extraction and Quantification.  DNA was extracted from 0.5 g of soil 

from five randomly chosen soil samples from each site, per sampling time, using MoBio 

UltraClean 
TM 

soil DNA kits (California).  The quality of the DNA extraction was 

determined by running 5.0 µl of extract through a 1.0% (
w
/v) agarose gel.  Prior to 

extractions, approximately 3.0 g of soil was frozen at -20°C as a backup for technique 

problems.  Samples that failed to extract were re-extracted until frozen soil stocks were 

exhausted.  In the case of sample exhaustion, the analysis of bacterial communities was 

completed from remaining samples.  DNA samples successfully extracted were 

quantified using a NanoDrop ND-1000
TM

 spectrophotometer (NanoDrop Technologies, 
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Inc.; Wilmington, DE).  DNA was then diluted to 12.5 ng/µl and stored at -20°C until 

utilized in PCR. 

PCR.  The optimum template concentration was determined to be 25 ng of DNA 

in each PCR mixture.  Greater amounts of template resulted in smeared and un-

identifiable bands in the DGGE.  In cases where extractions yielded less than 12.5 ng of 

DNA, extractions were repeated (when possible) to obtain a better yield.  In the event that 

higher concentrations could not be obtained before frozen samples were exhausted, the 

extraction with the highest concentration successfully extracted was used; however, a 

greater volume of the extract was used in the PCR mixture so as to keep the total reaction 

concentration of DNA at 25 ng/reaction.   

 The PCR mixture contained 25 ng of DNA, 20 pmol of each primer 341fgc and 

534r (31), 400-mmol of each dNTP, 1× polymerase buffer and 1.5 U of Taq polymerase 

(TaKaRa Mirius Bio; Madison, WI).  All reactions were brought up to a final volume of 2 

µl using sterile dH2O and were completed on a 96-well gradient block RoboCycler
TM

 

with a hot top (Stratagene; La Jolla, CA).  Amplification consisted of an initial 

denaturation cycle of 98°C for 1 minute.  This cycle was followed by 35 cycles of 98°C 

for 15 s, 52°C for 45 s and 72°C for 1 min.  A final extension cycle of 72°C for 10 min 

completed the amplification.  At completion, amplification quality was confirmed on a 

1.0% (
W

/V) agarose gel.   

DGGE.  Banding patterns of bacterial community DNA were obtained through 

DGGE on a DCode system using 16 x 16-cm glass plates (Bio-Rad; Hercules, CA).  Gels 

consisted of a 30-65% urea and formamide denaturing gradient and a 7-10% acrylamide 
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size-exclusion gradient.  Approximately 10 ml of a stacking gel, consisting of an 8% 

acrylamide solution, was poured on the top of the denaturing gel.  Optimal 

electrophoresis time and voltage were determined using the procedure outlined by 

Muyzer et al. (1993); gel electrophoresis was done at 60°C and 1000V hr
-1

.  All DGGE 

reagents were purchased from BioRad, with the exception of formamide (Sigma-Aldrich 

Corp; St. Louis, MO).  Gels were stained in an ethidium bromide bath, and gels were 

visualized using a Kodak Gel Logic 440 with its bundled software (Kodak Molecular 

imaging Systems; New Haven, CT).  Markers were utilized within the DGGE to serve as 

reference points of low, medium and high GC content and consisted of five bacterial 

species, listed here in the order in which they appear in the gel from top to bottom (low to 

high GC content):  Pseudomonas aeruginosa, Shewanella putrefaciens, Sphingomonas 

sp., Ralstonia sp., Desulfovibrio sp.  

FAME.  Fatty Acid Methyl Esters (FAMEs) were extracted from 3.0 g of each 

soil sample using the MIDI protocol (Microbial ID, Inc., Newark, DE, USA).  Analysis 

of FAMEs was completed on a 6890 GC Series II (Hewlett Packard, Wilmington, DE, 

USA), using the exact procedure outlined in Klose et al. (25).  The FAMEs used in 

quantifying bacteria were: iso (i) 15 carbon chain with zero double bonds (15:0), anti-iso 

(α) 15:0, i17:0, α17:0, cyclopropane (cy) 17:0, and cy19:0 with the first double bond 

from the 8
th

 carbon (ω8c);  actinomycetes: 10-methyl (Me) 16:0, 10Me 17:0, 10Me 18:0; 

Fungi: 16:1ω5c, 18:3ω6c, 18:1 ω9c. 

Statistical Analysis.  All statistical analyses were performed using SPSS 13.0 

(SPSS, Inc.; Chicago, IL), Matlab 6.0 (The Math Works; Natick, MA) or CANOCO 4.5 
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(Microcomputer Power; Ithaca, NY).  All tests were considered significant at α = 0.05, 

unless otherwise stated. 

 Repeated measures ANOVA (rmANOVA) across dates, with site as the only 

factor, was used to analyze DGGE band counts and the following edaphic parameters: 

soil moisture, extractable NH4
+
-N and NO3

-
-N, percent organic carbon and soil pH.  The 

criteria given by Field (13) were used to determine probability values when the sphericity 

assumption was violated.  Post hoc analyses were performed using Fisher’s LSD test.  To 

be conservative, Type I error was controlled with sequential Bonferroni corrections (40)   

A full factorial Stepwise Discriminant Function Analysis (DFA) was performed on 

microbial community structure data from all sites to evaluate differences across sites, 

sample dates and their interactions.  The following microbial community structure data 

parameters were evaluated: percent fungal FAME (FameF), actinomycete FAME 

(FameA), bacterial FAME (FameB) and Microbial Biomass Carbon (MBC).  Maximum 

likelihood estimation was used to estimate three missing August 2005 GS FAME data 

points (27).  For each DFA, bootstrap iterations (n = 5000) were performed to select 

variables and build a sampling distribution against which the observed data were 

compared.  Confidence intervals (95%) were then generated from the point estimates 

based upon the sampling distribution.   

Criteria for evaluating and dealing with violations to multivariate normality and 

homogeneous variance-covariance matrices were adopted from Tabachnick and Fidell 

(46).  Variables contributing highly to site discrimination were further analyzed via 
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univariate ANOVAs.  When an ANOVA was significant, it was followed with Fisher’s 

LSD post hoc tests.  Type I error was controlled via a sequential Bonferroni method (40).   

Redundancy analysis (RDA) was used to evaluate the relationship between edaphic 

parameters and microbial community structure (21).  RDA is a constrained ordination 

method, where a Principal Components Analysis is performed on a primary dataset (in 

this case microbial community structure data) but is restricted by a linear combination of 

explanatory variables (edaphic parameters).  Thus, variance is maximized along a derived 

set of axes or components that are restricted by the environment.  A repeated measures 

design was employed with site as the only factor to evaluate changes in community 

structure and influence of edaphic parameters over time.  A second analysis evaluated the 

interaction between the sites along the elevation gradient and sample date.  The following 

parameters were used as the primary dataset for the RDAs: percent fungal FAME (Fun 

F), percent actinomycete FAME (Act F), percent bacterial FAME (Bac F) and Microbial 

Biomass Carbon (MBC).  The following edaphic parameters were entered as explanatory 

variables in this analysis: extractable NO3
-
-N and NH4

+
-N, soil pH, soil organic matter 

(SOM) and % soil moisture (%SM). All variables were log-transformed to standardize 

error variances. Monte Carlo permutations (n = 9,999) were used to build a sampling 

distribution against which to test the null hypothesis that there is no relationship between 

the edaphic parameters and microbial community structure (48).  Ordination diagrams 

based on the RDA, showing the relationship between edaphic parameters and microbial 

community structure, were generated from the analysis using CanoDraw (47).  Vectors 

were produced to express the strength of the correlation between specific edaphic and 
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community structure variables.  Projections of sites and sample dates onto edaphic and 

community structure variable vectors provided an estimate of the degree of influence the 

variable on a particular site or sample date (20).  The length of the vector expresses the 

strength of the relationship. 

 

RESULTS 

Edaphic Parameters.  All measured soil edaphic parameters were highly 

variable across sampling seasons (Figure 2.1).  Soil moisture levels varied considerably 

across sites and sampling seasons, but all sites experienced higher moisture levels during 

August samplings.  However, rmANOVA indicated that only at the SG site was soil 

moisture significantly lower (p = 0.007) during the winter sampling, where soils went 

from a maximum percent moisture of 17.5% in August 2005 to 2.25% in January 2006.  

Large amounts of rainfall occurred preceding the August 2006 sampling and accounts for 

the increased soil moisture in all sites at this time. The increase in soil moisture was most 

dramatic in LM.  Soil moisture levels in LM were greatest during all seasons, followed 

by SG, then GS.  Soil moisture in SG and the higher elevation LM site were similar and 

higher as compared with the low desert GS site, which had the lowest soil moisture 

values across the three sampling periods. 

Repeated Measures ANOVA indicated that seasonal changes in extractable NO3
-
-

N were significant (p = 0.014) across sites.  All sites were relatively similar to one 

another during August 2005; however, GS increased in extractable NO3
-
-N levels 

throughout the following sampling periods, whereas the SG and LM sites experienced 
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only slight changes in extractable NO3
-
-N levels.  Excluding August 2005, GS soils 

contained the greatest levels of extractable NO3
-
-N, followed by LM and SG.   

Levels of extractable NH4-N, percentage SOM, soil pH and MBC were less variable 

across season within each site.  Extractable NH4-N decreased across all three seasons for 

both GS and LM soils.  This trend was also displayed by SG soils from January 2006 to 

August 2006.  However, SG soils did contain much lower levels of extractable NH4
+
-N 

than both GS and LM sites during August 2005.       

Percentage SOM remained fairly steady across seasons and was not found to be 

significantly different among sites by rmANOVA.  However, the high elevation LM site 

did contain between 5 to 10% more organic matter than did SG or GS during all seasons.       

Soil pH in the three sites differed substantially from each other.  Soils at the low desert 

GS site exhibited the highest pH values, with more acidic soils characteristic of the Sotol 

Grassland.  Soils at the high elevation forest site were acidic to neutral depending upon 

sample date.  Across years, soil pH at the SG site remained around 5.7, while pH of the 

GS soils decreased from 8.4 to 7.8.  Mean soil pH in LM increased from 5.2 to 7.0 from 

August 2005 to August 2006.  Variation in soil pH at each site increased during the 

August 2006 sampling as a result of the substantial rainfall that occurred following a very 

dry period. 

Mean monthly soil temperatures for GS and SG remained within ± 4°C of the 

average monthly air temperature for their respective site.  Average maximum summer 

soil temperatures at 15 cm depth were 35°C (GS), 28°C (SG) and 19°C (LM).  The mean 

winter soil temperatures were 17°C (GS), 13°C (SG) and 7°C (LM).  Daily maximum 
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soil temperatures throughout the study were approximately 6°C warmer at the GS site 

than SG and SG soil temperature was approximately 4°C warmer than LM. 

Precipitation at all sampling sites in Big Bend National Park was lower throughout 2006 

than in 2005.  January 2005 experienced a total rainfall of 15 mm, but the park 

experienced only 1 mm of precipitation during January 2006.  The park received 

approximately 150 mm of precipitation during August 2006, whereas the previous year 

received 90 mm during August.  Total rainfall for 2005 was 329.2 mm whereas 2006 

received 273.6 mm. 

FAME.  Concentrations of bacterial and actinomycete FAMEs were stable 

throughout most sampling periods within a site with only small changes observed (Figure 

2.2).  For most sampling seasons, a slightly larger quantity of bacterial and actinomycete 

fatty acid signatures were recorded at the low desert GS site than in SG or LM.  Fungal 

FAME amounts differed significantly (p = 0.023) across seasons and sites and greatly 

outweighed the quantity of bacterial and actinomycete FAMEs for all sites and seasons.  

Site Analysis.  Discriminant function analysis revealed a significant interaction 

between sites and seasons with regards to microbial community structure (Figure 2.3).  

Whereas microbial community structure at the SG and GS sites was not significantly 

different across sample dates, GS and LM did exhibit significant discrimination in 

microbial community structure in August 2005 and January 2006 and near-significant 

differences in August 2006.  Furthermore, SG was significantly different from LM in 

January and August 2006.  In each season, the first discriminant function axis (DF 1) was 

positively correlated with bacterial FAME levels (Table 2.1).  Post hoc analyses showed 
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that percent bacterial FAME was always higher in GS than in LM.  In addition, in 

January 2006 and August 2006 percent bacterial FAME was also higher in SG than in 

LM.  In each case, DF 1 can be interpreted as a gradient of percentage bacterial FAME 

levels increasing from left to right.  Furthermore, in August 2005, the percent fungal 

FAME was significantly (p = 0.003) higher in GS than in LM.  Therefore, in August 

2005, DF 1 also represents a gradient of fungal FAME levels increasing from left to right.  

For the two summer periods, differences in the amounts of microbial biomass carbon 

along the elevation gradient accounted for the LM site being different than the two lower 

elevation sites (Figure 2.3).  

Redundancy Analysis.  Site differences in microbial community structure 

were further analyzed using Redundancy Analysis (RDA) based on FAME data to 

evaluate the role of all measured edaphic parameters in regulating microbial community 

structure along the gradient (Figure 2.4).  In the analysis of all sites and season data, a 

positive correlation between FAME concentrations for fungi, bacteria, actinomycetes and 

soil pH existed for both the August 2005 and January 2006 sampling periods.  The 

August 2006 sampling period, which was the wettest, was negatively correlated with the 

FAME and soil pH vectors. 

 The RDA plots indicated a significant effect of site, sample date and edaphic 

parameters on microbial community structure (p = 0.0352; Figure 2.4.a; Table 2.2). Most 

notable is the effect of increased soil moisture (%SM) and percent soil organic matter 

(SOM) in up-regulating the amount of microbial biomass carbon (MBC). These 

parameters were strongly correlated with the LM site, where %SM, SOM and MBC were 
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often higher than in the GS and SG sites.  High levels of bacterial and actinomycete 

FAME (Bac F and Act F) were correlated with the low desert sites at GS and SG and 

strongly negatively correlated with LM. In addition Bac F, and Act F were highly and 

negatively correlated with %SM and SOM levels.  Fungal FAME (Fun F) was not 

strongly related to any site but was strongly correlated with soil pH.  Microbial 

community structure at the high elevation oak-pine forest site, LM, was most correlated 

with NH4
+
-N, %SM and SOM irrespective of season (Figure 2.4a).  Microbial 

community structure at the low elevation sites (GS, SG) were most strongly related to 

soil pH with bacterial and actinomycete FAME levels accounting for site differences 

(Figure 2.4a-b). 

PCR-DGGE Band Counts.  DGGE analysis of soil bacterial PCR amplified 

DNA is displayed as Figure 2.5.  Band counts of amplified soil bacterial DNA differed 

significantly (p = 0.024) across sites and season (Figure 2.6).  During each sampling 

period, no site could be distinguished from another statistically except during January 

2006, when band counts in the SG site were significantly higher (p = 0.049), than band 

counts for GS.  The band counts for the high-elevation LM site were intermediate 

between the low desert GS site and the mid-elevation Sotol grassland.  The highest mean 

number of bands across sites and seasons (n = 77) was observed in SG during January 

2006, and for the majority of the sampling periods, the SG site contained the greatest 

number of bands.  Both GS and LM had a similar number of bands, which did not 

fluctuate greatly over the sampling periods.  The least number of bands were observed in 

LM (n = 43) in August 2006, which had the highest % soil moisture.  However this 
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decrease in bands was not significantly different from the previous two sampling periods 

at this location. 

 

DISCUSSION 

Molecular and Biochemical Analysis Bias.  It is well understood that 

microbial community analyses techniques, such as FAME and PCR-DGGE, are most 

informative for the most dominant species within the community, as the concentrations of 

their fatty acids and DNA will be the most prevalent and less likely to be discarded in any 

dilution processes (16, 53).  Recent computer simulations have indicated that DGGE 

itself is highly limited on the number of bands that can be visibly detected and provides 

only a rough estimation of diversity (28).  It is possible, therefore, that components of 

bacterial diversity along the Pine Canyon Watershed were not detected due to the 

limitations in DGGE and FAME analyses and that site differences observed in this study 

reflect the contributions of only the dominant bacterial assemblages.  It is possible that 

site and season differences occurred within the non-dominant (low-density) bacteria 

whose DNA and fatty acids may not have been equally represented in these analyses.  

The approaches used to quantify diversity in this study cannot detect minor species 

within the bacterial communities with high consistency.  However, biochemical and 

molecular procedures can provide critical insight into the structure of bacterial 

communities (i.e., number of dominant species) and abundances of microbial groups (i.e., 

bacterial, actinomycete, fungi).   
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Analysis of study sites and edaphic parameters.  DFA groupings of sites 

based on FAMEs for fungi, bacteria and actinomycetes were similar to those described by 

Redundancy Analysis that considered all edaphic parameters and FAME data.  This 

outcome suggests that parameters utilized in the DFA analysis were the most critical 

descriptors of microbial community structure for each site, as the addition of further 

parameters did not result in discrepancies between the two analyses.  The strong 

correlation of high levels of microbial biomass carbon and the high-elevation oak-pine 

forest site (LM), denoted in both DFA and Redundancy Analysis, is in agreement with 

previous studies that have demonstrated higher levels of MBC in locations which contain 

higher levels of moisture, cooler temperatures and greater carbon inputs (34).  The strong 

negative correlations of high soil moisture and levels of soil organic matter with both 

actinomycete and bacterial FAMEs at the LM site suggests the possibility that, under 

more mesic conditions, competitive exclusion is structuring the bacterial community.  

The decrease in DGGE band counts at the LM site with substantial increase in soil 

moisture from summer rain would support this hypothesis.  The negative correlation 

between bacterial community structure and soil organic matter may reflect the 

recalcitrant nature of the organic matter at the LM site as compared to the other 

vegetation assemblages along the Pine Canyon Watershed.  At the LM site soil microbial 

dynamics appears to be dominated by fungi. 

Over the course of this study, differences in bacterial density, denoted through 

changes in brightness of bands, do occur.  However, the biases associated with PCR and 

the amplification of the rrn operon (2, 12) make it extremely difficult for one to conclude 
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that differences in band intensities in the electrophoresis gel were the result of changes in 

the bacterial densities of specific species and not an artifact of the PCR process.  

Therefore, the primary focus of this study was to examine shifts in the bacterial 

community structure along the elevation gradient as a whole and not the proliferation of 

individual species.  Changes within the individual assemblages will be examined in a 

subsequent manuscript using culture-dependant techniques (Chapter III). 

Although FAME quantifications are not a direct indicator of microbial diversity, 

they can reflect changes in community dynamics (3, 29).  FAME levels for actinomycetes 

and bacteria did not change substantially across seasons for the three vegetation zones, 

suggesting that a stable density of bacteria exists along the gradient irrespective of 

moisture inputs, soil temperatures and vegetation type and cover.  Changes in the 

bacterial species composition along the gradient would not be reflected in the FAME 

results.  Some changes in the bacterial species composition should occur as plant 

diversity increases up the gradient and plant composition changes from low-land desert 

scrub, to grassland, and to an oak-pine forest with an understory of grasses and sub 

shrubs. With increasing vegetation cover, it becomes more likely that samplings included 

soil affected by plant exudates, which may influence FAME levels going up the elevation 

gradient.  However, this pattern was not observed and is in accordance with the findings 

of Buyer et al. (8), who demonstrated that the rhizosphere effect, in agricultural soils, 

only influences a small portion of the R-selected bacterial community and is much 

weaker than the effect of the soil itself.   
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Moisture is thought to be the most important limiting factor for microbial activity 

in arid environments (22).  Because of this, one would expect that the large increase in 

precipitation, which occurred in August 2006, should have resulted in a noticeable 

increase in bacterial numbers.  Parker et al. (33) observed that microbial biomass peaked 

after six days following a precipitation event and showed an increase in overall biomass 

over a period of 24-30 days after a simulated watering event on dry soils in the northern 

Chihuahuan Desert.  However, no such increases were observed for MBC, FAME levels 

or PCR-DGGE band counts during August 2006, when the three sites at Big Bend 

National Park received substantial moisture inputs.  These findings also contrast with 

those of Steinberger et al. (41), who observed an increase in soil microbial biomass in the 

Judean Desert in response to precipitation events.  Collins and Cavigelli (11) also 

described an increase in microbial biomass and FAME profiles with precipitation and 

increasing elevation in bulk soils of the Sonoran Desert.  Although data from this study 

showed an increase in microbial biomass carbon going up the elevation gradient, FAME 

levels declined.  Possible explanations for the discrepancy between these studies are: 1) 

moisture is not the only  limiting factor controlling microbial community structure within 

the three sites in the Chihuahuan Desert at Big Bend National Park, and 2) responses to 

moisture pulses by the microbial biomass as observed by Parker et al. (33), Steinberger et 

al. (41), and Collins and Cavigelli (11), are accounted for by large changes within non-

dominant bacterial populations, which were not quantified in the current study.  

However, Smit et al. (39) have also shown that DGGE banding patterns of dominant 

bacteria do not fluctuate greatly with seasonal environmental changes.  Since all sites 
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responded similarly to the large moisture pulse during August 2006 and exhibited the 

highest intra-site variability at this sample date, it is unlikely that all three sites along the 

elevation gradient are limited by similar environmental factors.  This is made even more 

evident by the difference in band counts which occurred during the winter sampling 

between the SG and GS sites.   Kieft (22) suggested that water inputs to arid systems 

from events that are extremely small in volume, which are insufficient to stimulate a 

vegetation response (37), may supply enough water to sustain microbial communities, 

especially those well-adapted to an arid environment.  Hence, the dominant members of 

the bacterial community may not be greatly influenced by vegetation or by differences in 

precipitation inputs across seasons in the arid landscape.  However, FAME and DGGE 

methods indicate presence, not functionality.  Thus, while microbial community structure 

is fairly stable with regard to density and composition of species within each of the three 

different vegetation zones along the Chihuahuan Desert watershed, their functionality 

(carbon use) within the soil has been shown to be influenced by moisture pulses and soil 

temperature (6).    

  The study by Fierer and Jackson (14) reported that soil microbial diversity is 

highly correlated to soil pH.  Despite major differences in soil pH across the 3 sites (GS: 

8.37, SG: 5.91, LM: 6.45) and the high variability within sites, significant differences in 

the microbial community structure were not observed.   The findings of this study suggest 

that the dominant bacterial assemblages along this gradient in Big Bend National Park are 

highly adapted to their environment and are tolerant of the range of environmental 

conditions that characterize this landscape.  Tolerance to a range of conditions would 
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account for their dominance and stability observed during periods of dynamic moisture 

changes.  It also suggests that small changes in soil moisture and soil pH are not the 

primary limiting/determining factors of these microbial communities.  Although critical 

edaphic parameters were examined within this study, none were found to cause a 

substantial change in the numbers of dominant bacteria within the soil bacterial 

communities across time or elevation.  Irrespective of somewhat large differences in 

vegetation, soil pH, nitrogen availability and amounts of SOM, bacterial community 

structure along the elevation gradient was very similar.  Microbial community structure 

appears to reflect the long-term climatic conditions of the landscape whereas seasonal 

variability in nutrients, organic matter inputs and soil temperature may control microbial 

functionality but not overall site diversity.  In addition, the approaches used to quantify 

diversity cannot detect minor species contribution to microbial structure within the 

bacterial communities with high consistency.   
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Figure 2.1.  Soil edaphic and microbial parameters for the three vegetation zones sampled 

along the Pine Canyon Watershed at Big Bend National Park.  Error bars represent 

standard deviations.  The solid bar represents the low elevation desert scrub (GS), the 

empty bar represents the mid-elevation Sotol Grasslands (SG), and the hatched bar 

represents the high elevation Oak-Pine forest (LM) site.  MBC = Microbial Biomass 

Carbon, SOM = % soil organic matter/g dry wt. of soil, %Moisture = %soil moisture/g 

dry wt. of soil, NH4
+
-N = extractable levels of NH4

+
-N, NO3

-
-N = levels of extractable 

NO3
-
-N. 
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Figure 2.2.  Fatty Acid Methyl Ester quantifications for fungi (16:1ω5c, 18:3ω6c, 18:1 

ω9c), actinomycetes (10Me 16:0, 10Me 17:0, 10Me 18:0) and bacteria (i15:0, α15:0, 

i17:0, α17:0, cy17:0, cy19:0 ω8c), for soils collected from three vegetation zones along 

the Pine Canyon Watershed at Big Bend National Park.  Site codes are described in 

Figure 2.1.  Values are measures ± Standard Deviations. 
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Figure 2.3.  Discriminant Function Analysis of FAME data in relation to measured soil 

edaphic parameters for three vegetation zones along the Pine Canyon Watershed, Big 

Bend National Park.  A) Ellipses represent 95% CI around each site mean.  Axis labels 

represent the percentage of variation explained by analyzed parameters.  B) Vectors 

represent base parameters most highly correlation with each site.  Site codes are as 

described in Figure 2.1. The microbial community structure parameters used are FameB= 

% FAME bacteria, FameF = % FAME fungi, FameA = % FAME actinomycetes and 

MBC = Microbial Biomass Carbon. 
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Figures 2.4.  Ordination diagrams (biplots) from Redundancy Analysis showing the relationship among sites, microbial 

community structure, and edaphic parameters. A) Biplot from repeated measures RDA, B) Biplot from interaction between 

sample sites and sample dates. Site codes are as described in Figure 2.1. The microbial community structure parameters used are 

Bac F = % FAME bacteria, Fun F = % Fame fungi, Act F = % FAME actinomycetes and MBC = Microbial Biomass Carbon. 

Edaphic parameters used in the analysis are SOM = percent soil organic matter, SM = percent soil moisture, NH4 = extractable 

NH4
+
-N , NO3 = extractable NO3

-
-N and pH. 
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Figure 2.5. Denaturing Gradient Gel Electrophoresis results from DNA extracted and 

amplified from each site using 16S-specific primers.  “Marker” lanes are the left lane of 

each individual gel image.  All other lanes represent replicate extractions and 

amplifications from within the same site and sampling date. Each band is potentially a 

different bacterial species.  Site codes are described in Figure 2.1. 
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Figure 2.6 Bacterial species richness determined from Denaturing Gradient Gel 

Electrophoresis band counts for the three vegetation zones along the Pine Canyon 

Watershed, Big Bend National Park.  Error bars represent standard deviations.  Capital 

letters represent differences (p = 0.05) among sample dates.  Lower case letters represent 

differences among sites within sample dates.  Site codes are described in Figure 2.1. 
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Table 2.1.  Vector loadings of microbial community structural parameters from discriminant function analyses evaluating 

differences between three sites along an elevation gradient in Big Bend National Park, TX. The sites evaluated were the low 

elevation desert scrub association at Glen Springs, the mid-elevation Sotol grasslands and the high elevation Oak-Pine forest at 

Lost Mine. Vector loadings represent correlation coefficients between each evaluated parameter and both discriminant function 

axes (DF 1 and DF 2). Parameters are listed in their order of inclusion in the discriminant function analysis. 

 

 Aug-05    Jan-06    Aug-06  
 DF1 DF2   DF1 DF2   DF1 DF2 
Fame F 0.861 0.473  Fame B 0.872 -0.426  Fame B 0.968 0.126 

Fame B 0.847 -0.121  Fame F -0.060 -0.214  Fame A 0.905 -0.206 

MBC -0.587 0.695  MBC 0.126 0.703  Fame F 0.386 0.281 

        MBC -0.690 0.337 

           



Texas Tech University, Jeb Clark, December 2007 

 49 

Table 2.2.  Results of Redundancy analysis indicating the percent variance explained by 

microbial community structure (MCS) along axis 1 and the cumulative percent of axis 1 

& 2, percent variance in MCS explained by edaphic parameters along axis 1 and the 

cumulative percent of axis 1 & 2 and finally p-values indicating the significance of 

edaphic parameters in determining MCS for the three vegetation zones along the Pine 

Canyon Watershed, at Big Bend National Park. α = 0.05. 

 

 

 

 

  

 

% Variance 
MCS 

% Variance 
MCS-Edaphic 

Relation  

  

Axis 
1 

Cum 
1&2 

Axis 
1 

Cum 
1&2 

P – 
Value 

All Dates 40.2 47.7 77.6 92.1 0.0352* 

Interaction 41.7 48.6 78.3 91.3 0.0352* 
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CHAPTER III 

CULTURE-BASED ANALYSIS OF THE DOMINANT AND NON-DOMINANT SOIL 

BACTERIAL COMMUNITIES ALONG AN ELEVATION GRADIENT IN THE 

CHIHUAHUAN DESERT 

 

ABSTRACT 

 Several studies have suggested that soil bacterial community structure remains 

stable irrespective of seasonal changes in soil temperature, moisture and nutrient inputs.  

However, most studies that have observed these patterns commonly utilize molecular 

techniques, which impose limitations on the examination of the non-dominant bacterial 

component of the total soil bacterial community.  In the current study, soil bacteria were 

cultured and classified as culturable-dominant or non-dominant by their ability to grow 

and out-compete other bacteria on high and low-nutrient media.  Using this process, two 

significantly different bacterial assemblages were cultured, and their frequency of 

occurrence throughout two winters and a summer season were monitored along an 

elevational gradient in the Chihuahuan Desert in Big Bend National Park.  Occurrences 

of the culturable-dominant bacteria across all seasons were relatively common.  

However, an increase in culturable Beta-proteobacteria and a decrease in culturable High 

G+C bacteria were observed between summer and winter samplings.  The culturable non-

dominant bacterial community exhibited greater amounts of variation and lower 
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frequency of occurrence across seasons, suggesting that both bacterial communities 

responded differently to seasonal environmental conditions along the elevation gradient.  

Seasonal response of the culturable non-dominant bacterial community may account for 

the difficulty many studies have experienced in culturing bacterial assemblages from soil. 

 

INTRODUCTION 

 The study of soil bacterial communities often relies on molecular analyses to 

enumerate microbial diversity.  This is often due to the known setbacks of culture-based 

assessments (21).  However, biases associated with the most commonly utilized 

molecular techniques, Polymerase Chain Reaction (PCR) and Denaturing Gradient Gel 

Electrophoresis (DGGE), usually result in detection of only the numerically dominant 

bacterial constituents of soil microbial communities (13).  These techniques, however, do 

not differentiate between those microbes which are functionally active and those which 

are within a dormant state within their community.  Hence, the minor species, which 

make up a lesser portion of the total microbial community, are often overlooked (52).  

Ellis et al. (10) have suggested that it is the readably culturable, minor bacterial species 

that can have a significant ecological impact within the soil systems as they are 

functionally active within their respective environments. 

 The problems associated with culturing bacteria from soil have been heavily 

debated over the past several decades, producing possible explanations ranging from 

those associated with oligotrophy (22, 23, 33) to that of the Viable But Non-Culturable 

theory  (51).  Torsvik et al. (46, 47) suggested that less than 5% of soil bacterial species, 
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which have been detected in the soil, have been cultivated due to biases of standard 

culture media that target species that are capable of utilizing high levels of nutrients (R-

selected species), thereby outcompeting the slower growing species (K-selected).  For 

this reason, those few studies that do utilize culture-based techniques often attempt to 

limit the concentration of available carbon in order to limit the growth of the commonly 

cultivated R-selected species (2, 17, 19, 30, 36, 37, 38).  Other factors, such as non-

traditional carbon sources (5, 7), pH buffers (2), increased incubation times (7), and non-

traditional solidifying agents (45), have been demonstrated to play roles in promoting the 

cultivation of bacteria often not represented in traditional community analyses using 

standard culture-based procedures.   

 The current study examined the diversity patterns of dominant and non-dominant 

bacterial assemblages, using culture-based techniques, along an elevation gradient in the 

Chihuahuan Desert in Big Bend National Park.  This investigation was run in parallel 

with non-culture based techniques (DGGE) to examine the dominant bacteria from the 

same sites (Chapter II).  The goals of this component of the larger study were to 

determine the taxonomic affinities of non-dominant bacterial species, which are believed 

to be physiologically different based on culture characteristics, and to identify whether 

the culturable non-dominant bacteria follow the same response patterns as the culturable 

dominant portion of the bacterial community to soil edaphic characteristics, and 

environmental constraints that control microbial diversity and activity in this arid 

landscape (3). 
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MATERIALS AND METHODS 

Site Description.  Bacterial isolation and characterization of the culturable 

dominant and non-dominant assemblages were obtained from three vegetation zones 

along the Pine Canyon Watershed in Big Bend National Park (Chihuahuan Desert, 

Southwest Texas).  The sites occur along a 12-km elevation and vegetation gradient that 

has been under study since 1995 (15, 55).  The lowest elevation site (793 m), Glenn 

Springs (GS), is dominated by Leucophyllum, Agave, grasses and sub-shrubs.  The next 

site on the elevation gradient, the Sotol Grassland (SG), is typical of mid-elevation 

grasslands (1526 m) throughout the Chihuahuan Desert and is dominated by Dasylirion, 

Nolina and several species of Bouteloua.  The high-elevation site (2098 m) on Lost Mine 

Peak (LM) is an Oak-Pine Forest dominated by Quercus and Pinus with an understory of 

grass.  At each site, two permanent 100-m belt transects were established in 1996 to 

evaluate impacts of climate change and environmental impacts of nitrogen deposition 

(15). 

Soil and Environmental Characteristics.  Soil pH was determined using an 

Orion pH probe (ATI Orion; Boston, MA) on a 2:1 paste at room temperature (34).  

Microbial Biomass Carbon (MBC) was obtained using the chloroform-fumigation and 

K2SO4 extraction technique (29) and carbon levels estimated at 280 nm (49).  Soils were 

dried for 24 hours at 60°C to calculate the Percent Soil Moisture (%M).  Available 

ammonium (NH4
+
-N) was extracted using 2.0 M KCl and levels determined 

spectrophotometrically (27, 48). Extractable NO3-N
 
levels were determined by A&L 

Plains Laboratories (Lubbock, TX) using ion-specific probes.  Soil temperatures at each 
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location were obtained using Onset temperature probes (Bourne, MA) set to record at 36-

min intervals at a depth of 15 cm.  Soil organic matter (SOM) was calculated as “mass 

loss on ignition” following combustion at 450°C for 24 hrs (34)  

Sample Collection.  From each site, twenty samples (approximately 300 g) 

were randomly collected during August 2005, January 2006, and August 2006 along the 

two transects within each site.  Large debris and roots were removed using a 2.0-mm 

metal sieve.  Samples were then stored in freezer bags at 4°C until they could be 

processed (< 72 hrs).  Of the twenty samples, five from each site were randomly chosen 

and utilized for bacterial cultivation. 

Microbial Enumeration.  For each of the five soil samples from each site, 10 g 

(dry weight equivalent) of soil were taken and diluted in 90 ml of sterile water-agar 

(0.2% agar) solution and blended on high speed for 1 min.  The water-agar suspension 

was then diluted into 10
-4

 with sterile dH20.  Each medium, described below, received 

100 µl of the diluted slurry for an overall plated dilution of 10
-5

.   

Media.  A total of five culture media were utilized in the current study to 

enumerate the non-dominant soil bacteria from the three vegetation zones along the Pine 

Canyon Watershed. Two media were utilized in previous studies: Dilute Nutrient broth 

(NA 
1
/100) (17) and dilute Tryptone Yeast broth (TYA 

1
/1000) (Campbell et al. - In 

Preparation); were both prepared at a pH of 7.0 and solidified with 15 g/L of Difco agar 

prior to pouring plates.  Three other media containing the same carbon sources, but 

differing in buffer and pH (Table 3.1), were formulated for the current study.  Briefly, a 

carbon stock solution was created containing glucose (41.6 mM), potassium acetate 
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(125.0 mM), sodium succinate (62.4 mM) and cellobiose (20.8 mM), which were initially 

combined and mixed in 100 ml dH20 and filter sterilized to create a solution at a 

concentration 10
3 
x greater than that desired within the plated medium.  The carbon stock 

solution (1.0 ml/L) was added to one of three buffer solutions in order to form the 

complete isolation media. 

The three buffer solutions used in this investigation contained 15 mM ammonium 

sulfate (Fisher Scientific, NJ) and 2.6 mM potassium phosphate (EM Scientific, NJ).  

One buffer solution contained 10 mM MOPS buffer (GASC-MPB), pH 7; another 

contained 10 mM HEPES buffer (GASC-HPB), pH 7; the third buffer solution contained 

10 mM MES buffer (GASC-MSB) at a pH of 5.6 and was created to mimic the low soil 

pH of the SG site.  All buffer solutions were created at a volume of 1 L, received 15 g/L 

of Difco agar (Sparks, MD) and were autoclaved prior to mixing with carbon stock 

solutions.   

 All three of the GASC + buffer media received 1.0 ml of a trace salts solution, 

consisting of 80 mM MgSO4·7H2O, 18 mM FeSO4·7H2O, 13 mM CaCl2·2H2O, 2.9 mM 

MnSO4·H2O, 1.3 mM Na2MoO4·2H2O, 0.4 mM CuSO4·5H2O, 0.42 mM CoCl2·6H2O, 

0.38 mM NiSO4·6H2O, 0.73 mM ZnCl2, 0.3 mM Na2SeO4 and 8 ml of concentrated HCl.  

Total volume was brought up to 1 L using dH2O.  The solution was then filter sterilized. 

 The NA 
1
/100 is a relatively high-carbon concentration medium and was used in 

the growth of R-selected (culturable dominant) bacterial species, whereas the TYA 
1
/1000 

and all GASC-based media contain 12 mg of carbon liter
-1

 and were utilized to select for 

the growth of the K-selected species (culturable non-dominant). 
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Cultivation Procedure.  For each sampling period, three replicates of each 

medium per soil sample and per site (225 plates total) were inoculated with 100 µl of the  

10
-4

 soil dilution (making the plated dilution equal to 10
-5

) and incubated at room 

temperature (25°C) in the dark over a 12-week period (7).  While colony counts were not 

recorded for the August 2005 sampling, they were obtained for the January 2006 and 

August 2006 samplings at the 6 and 12 week periods of incubation.  After 12 weeks of 

incubation, 1500 isolates were picked at random (~20/media/site) and re-grown in 96-

well Costar micro-titer plates (Corning, NY) containing 200 µl of a broth identical to the 

original solidified medium on which each isolate was grown.  Micro-titer plates were 

sealed in freezer bags and placed on an orbital shaker (200 rpm) for one week at 25°C.  

To obtain pure colonies of each isolate, 10 µl of culture were extracted from wells that 

contained visible growth and streaked for isolation on the solidified version of the 

original isolation medium for that micro-plate.  Less than 60% of the original 1500 

isolates, per sample period, regrew in the micro-titer plates for each sampling period.  Of 

the isolates that regrew in the micro-plates, streak plates (of original isolation media) 

were again incubated at 25°C until individual pure colonies could be obtained (< 1 week).  

Colonies that did regrow were subsequently inoculated into a 2-ml broth of original 

culture medium for isolate archiving and DNA extraction.  Broth cultures were incubated 

at 25°C on an orbital shaker (200 rpm) until growth was visible (< 1 week).  Of the 

cultures that grew across all purification steps, 200 were chosen randomly for further 

analysis.  One ml of the broth culture was extracted and frozen at -60°C until DNA could 
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be extracted for Polymerase Chain Reaction (PCR), Denaturing Gradient Gel 

Electrophoresis (DGGE) and 16S rRNA gene sequencing.   

Plate Wash and DNA Extractions.  Immediately after isolates were picked 

from the original isolation plates, the per sample plates (5 samples/site) underwent a plate 

washing procedure similar to that described by Ellis et al.(10) and Stevenson et al. (42).  

Briefly, 4 ml of sterile dH2O were poured onto the growth medium containing bacterial 

growth.  Using a sterile spreader bar, colonies were scraped off the agar and into solution.  

The water-culture mixture was retrieved using a 5-ml pipette and placed into a sterile 

vial; generally only 2 ml could be retrieved in this manner. The 2 ml of wash-water for 

each plate were pooled with the other amounts for that site from the same culture 

medium.  The wash-mixture pools were then centrifuged at 13,000 rpm for 5 minutes, the 

liquid was decanted off, and the pellet was re-suspended in 500 µl of sterile dH2O and 

then stored at -20°C until DNA could be extracted for PCR-DGGE analysis.  All DNA 

extractions for this study were carried out using the chloroform extraction technique 

outlined by Ruiz-Barba et al., (35). 

PCR.  All extracted DNA samples were quantified using a NanoDrop ND-

1000
TM 

spectrophotometer (NanoDrop Technologies, Inc.; Wilmington, DE).  All 

samples were diluted in dH2O so that their overall concentration consisted of 12.5 ng 

DNA/µl before conducting PCR amplifications.  Two µl (25.0 ng DNA) of Plate Wash 

solution were utilized in each PCR reaction.  Reactions consisting of community isolate 

DNA amplified efficiently using only 1.0 µl of diluted DNA.  Reactions also contained 

20 pmol of each of the primers 341fgc and 534r (28), 400 mmol of each dNTP, 1x 
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polymerase buffer and 1.5 U of Taq polymerase.  All reactions were brought up to a final 

volume of 25 µl using sterile dH2O.  Amplifications were completed on a 96-well 

gradient block RoboCycler
TM

 with a hot top (Stratagene; La Jolla, CA) and consisted of 

an initial denaturation cycle of 98°C for 1 minute.  This cycle was followed by 35 cycles 

of 98°C for 15s, 52°C for 45s and 72°C for 1 minute.  A final extension cycle of 72°C for 

10 min finished the amplification.  At completion, amplification quality was checked on a 

1.0% 
W

/V agarose gel.   

DGGE.  Banding patterns of cultured bacteria from plate-wash pools were 

obtained through DGGE on a DCode system (Bio-Rad; Hercules, CA) using 16 x 16-cm 

glass plates.  Gels consisted of a 30-65% urea and formamide denaturing gradient and a 

7-10% acrylamide size-exclusion gradient.  Approximately 10.0 ml of a stacking gel, 

consisting of an 8% acrylamide solution, were poured on the top of the denaturing gel.  

The optimum time and voltage were determined using the procedure outlined by Muyzer 

et al. (28); gel electrophoresis was done at 60°C for 1000 V hr
-1

.  All chemicals for 

DGGE were purchased from BioRad with the exception of formamide, which was 

purchased through Sigma-Aldrich Corp. (St. Louis, MO).  Gels were stained in an 

ethidium bromide bath and were visualized using a Kodak Gel Logic 440 with its 

bundled software (Kodak Molecular imaging Systems, New Haven, CT).  G C-content 

markers used for DGGE are listed here in the order in which they appear in the gel from 

top to bottom:  Pseudomonas aeruginosa, Shewanella putrefaciens, Sphingomonas sp., 

Disulfovibrio sp. 
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Genetic Analysis.  Genetic sequencing of 40 randomly chosen isolates across 

sample time and sites was completed on a PE Biosystems Genetic Analyzer (Foster City, 

CA) using the 519r primer.  Sequences were analyzed using BLAST (1). 

Analysis.  Presence /Absence data for DGGE bands were generated using band 

recognition software developed for this study (made available at 

http://www.biol.ttu.edu/faculty/jzak/DGGE_Soft).  For this analysis, bands that lined up 

across gels, as analyzed by the band recognition software, were assumed to be of the 

same species.  Bacterial diversity from DGGE bands was calculated for each site and 

sampling season using the Shannon-Diversity Index (39).  Each site’s contribution to the 

overall species diversity was determined using the Routledge Beta-Diversity (54); β = S
2 

/ 

(2R + S)-1,  where S is the total species count between the two sites being compared and 

R is the number of species that overlap between the two sites.  Thus, for the sites sampled 

along the Pine Canyon Watershed at Big Bend National Park, a greater β value indicates 

a greater difference in species diversity between the two compared sites and a greater 

contribution to the overall bacterial diversity along the watershed from that particular 

vegetation zone.  Rank-Abundance plots were determined for each site using the 

frequency of appearance of each band for each site and season to examine the structure of 

the microbial community (53). 

Statistical Analysis.  All statistical analyses were completed using SPSS 13.0 

(SPSS, Inc.; Chicago, IL).  The culturability of the five media, site, and sampling season 

were compared using three-way ANOVA of colony counts obtained from the January and 

August 2006 samplings.  Bacterial species were divided into two groups (culturable 
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dominant vs. non-dominant) based on their presence/absence on the high-nutrient NA 

1
/100 medium.  Isolates that grew on the high-concentration NA were placed into the 

culturable dominant bacterial group, whereas those that were not detected on NA were 

characterized as cultruable non-dominant.  Species frequency abundance histograms were 

generated for both the culturable dominant and non-dominant bacteria for each site and 

season, where the shape of the abundance histogram indicated the number of bacterial 

species found at a specific frequency of occurrence across all of the culture media.  The 

shapes of the histograms were compared using the Kolmonogrov-Smirnov test (56).  

Sequenced bacterial isolates were grouped according to their associated bacterial 

division.  The frequency of their appearance across site and season was analyzed using 

Repeated Measures ANOVA (rmANOVA).  In cases where significance was observed in 

ANOVAs, it was followed with a Fisher’s LSD post hoc test. 

 

RESULTS 

Edaphic and Environmental Parameters.  All edaphic and environmental 

parameters were highly variable across all sampling periods and sites (Table 3.2).  Soil 

moisture (%SM) was higher in both August samplings than during the winter sampling 

(January 2006).  Soil moisture was highest overall in the high elevation Oak-Pine Forest 

(LM) site and lowest at the low-elevation desert scrub site (GS).  In 2006 all sites were 

relatively dry until August, when the park received 150 mm of rain.  No statistical 

significance was recorded for soil pH, Microbial Biomass Carbon (MBC), extractable 

ammonium (NH4
+
-H), extractable nitrate (NO3-N) or Soil Organic Matter (SOM) 
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throughout the three sampling periods, or site.  Soil pH was highest for the GS site and 

most acidic in the SG and LM locations (Table 3.2).  Soil pH in the LM site was lowest 

(5.22) during the August 2005 sampling and steadily increased to a pH of 7.03 in August 

2006.  Microbial Biomass Carbon levels were highest in the LM site and lowest at the 

low-elevation desert-scrub site (GS).  MBC was most variable across season at the LM 

site.  Levels of extractable NH4
+
-H were highest overall in the high-elevation Oak-Pine 

Forest (LM) and lowest at the GS site.  Levels of extractable NO3-N exhibited the reverse 

pattern with NO3-N levels being highest in the low desert and similar levels occurring in 

the Sotol Grasslands and high-elevation Oak-Pine Forest sites.  Percentage soil organic 

matter was highest in the forest site and lower, but comparable in the SG and GS sites.   

Soil temperature probes located in the LM site were damaged by animals prior to the 

August 2005 and January 2006 samplings, preventing useable temperature data from 

being downloaded from this site.  Therefore, soil temperatures were approximated for 

these periods using temperature trends observed from temperature data collected between 

the January 2006 and August 2006 samplings.  The mean daily soil and air temperatures 

in the GS site were 6°C higher than the SG site, which was 4°C warmer than the LM site.  

Mean summer soil temperatures were 35°C in GS, 28°C in SG and 19°C in the LM site.  

Mean winter soil temperatures were 17°C in GS, 13°C in SG and 7°C in LM. 

Bacterial Cultivation and Isolation.  The average number of bacterial CFUs 

per media type, after the three-month incubation period, increased with elevation up the 

Pine-Canyon Watershed (Figure 3.1a).  CFUs at the LM site were significantly higher (p 

< 0.01) on each medium than from the SG site, which had greater CFUs than the GS site.  
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The GASC-HEPES based medium produced the greatest number of colonies across all 

sites and seasons (p < 0.001) in comparison to all other media.  The number of CFUs 

obtained from the GASC-MES medium across all sites was significantly (p < 0.021) 

lower when compared to the other media.  The numbers of CFUs obtained on the NA 

1
/100, TYA 

1
/1000 and GASC-MOPS media were very similar to each other. However, the 

diversity of bacteria specific to each medium differed considerably across site and season 

(Figure 3.1b).  

The greatest number of species, determined from bands on the DGGE gel, was 

obtained from the NA media.  The NA 
1
/100 captured a larger percentage of the number of 

species at all sites except during the August 2006 sampling.  For the August 2006 

sampling period, the number of species was highest for TYA 
1
/1000 in the Sotol Grasslands 

site (SG) and for TYA 
1
/1000, GASC-MOPS and GASC-HEPES at the high-elevation 

Oak-Pine Forest site (LM).  The GASC-MES media supported the growth of several soil 

bacteria species at each site, which were not detected from the DGGE banding patterns 

for the other media types.  Diversity data for TYA from January 2006 is not represented 

here as the plate washes failed to successfully PCR amplify before the wash sample was 

exhausted.   

 Species Grouping.  The DGGE gels contained 150 distinct DGGE bands 

across all media, sites and sampling times (Figure 3.1b).  Of the 150 distinct bands, 82 

were present on a NA 
1
/100 medium during at least one sampling period in at least one 

site. These bands were therefore categorized as part of the Dominant bacterial community 
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for their growth on the high-nutrient medium.  The remaining 68 bands were considered 

to be non-dominant species, as they appeared only on the low nutrient media.   

Diversity and Site Analysis.  All bacterial communities were characterized by 

having the majority of their species occurring with moderate to low densities (Figure 

3.2a-c), with only a few abundant bacteria taxa present in the three sites irrespective of 

season.  The structure of the bacterial community was stable in the low desert GS 

location (Figure 3.2a), with seasonal changes in community structure occurring as 

evidenced by changes in the shape of the species-abundance curves as elevation and 

mesic conditions increased up the watershed.  The LM site (Figure 3.2c) exhibited a 

considerable shift in community structure as the assemblages contained more moderately 

abundant species in January 2006 sampling than in August 2005. 

  Beta-diversity was substantially influenced by location along the elevation 

gradient and by season (Table 3.3).  For all sampling times, Beta-diversity for the soil 

bacterial communities dramatically increased between the low-land desert scrub (GS) and 

the high-elevation Oak-Pine Forest (LM) sites.  The Sotol Grassland site was 

intermediate between the two locations and added a smaller component to the overall 

bacterial diversity along the gradient.  Overall Beta-diversity at all locations was highest 

in January 2006 than for either August sampling periods. 

Of the 1500 isolates that were randomly picked for each of the sampling periods, 

only a small portion (< 10%) regrew throughout the various replating steps (See 

Methods).  Of those that did regrow, a total of 40 different isolates were sequenced.  Of 

the 40 sequenced isolates, banding patterns from the DGGE gels were matched to 30 
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plate-wash isolates, which were classified as culturable-dominant bacteria, as they were 

detected on NA 
1
/100 media, during at least one sampling period and from at least one site.  

Two sequenced isolates had DGGE banding patterns which matched culturable-non-

dominant bacteria isolated in the plate-wash process, as they were not detected on NA 

during the course of this study.  The remaining isolates did not match any banding 

patterns of plate-wash cultures and were therefore excluded from further analyses.  Due 

to the short length of the sequences, only the closest genus-level results generated by 

BLAST were utilized.  Of the 40 isolates, the most common genus found was 

Flexibacter.  Other common genera were Bulkholderia and Arthrobacter.  BLAST results 

for eleven of the isolates returned match scores less than 80%, and these isolates were 

excluded from further analysis.  The Beta proteobacteria and Low G+C bacteria 

exhibited substantial changes in frequencies of occurrence with season across all sites 

(Figure 3.3).  The Beta proteobacteria composed the greatest number of isolates 

observed, while the Gamma proteobacteria group was the least frequent.  The frequency 

of encountering Alpha proteobacteria, Gamma proteobacteria and Sphingobacteria 

remained stable throughout the study.  The majority of the isolates, which made up the 

Alpha proteobacteria class were in the genus Inquilinus and were isolated year-round at 

the GS site (Table 3.4).  The Beta proteobacteria consisted of the genus Burkholderia 

which was observed at a high frequency at all three sites, irrespective of elevation or 

vegetation differences.  Arthrobacter dominated the High G+C isolates, which were 

obtained at high densities within the soils of the LM site during August 2005 and 

declined over the remaining two sampling seasons.  Several different isolates of 
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Flexibacter sp. were also isolated through all sampling sites, however more so at the LM 

site than the other two.  The Shannon Diversity Index (Table 3.4) was relatively low for 

the GS and LM sites during the August 2005 samplings but increased during the January 

2006 sampling.  The SG site displayed an increasing Shannon Diversity index throughout 

the study. 

Bacterial Community Response to Environment Conditions. 

Comparisons of each site’s seasonal dominant bacterial frequency abundance histograms 

to each other indicated no statistically significant differences among sampling periods for 

any site (Figure 3.4a-c).  This was also the case for comparisons of each site’s non-

dominant bacterial frequency abundance histograms, suggesting relative stability in 

community structure throughout each of the separate assemblages.  However, variation 

increased between sampling periods in the abundance distributions with the non-

dominant bacterial assemblages at the low-land desert scrub site (Figure 3.5a).  The 

dominant and non-dominant bacterial abundance distributions at GS were significantly (P 

= 0.044) different from one another in August 2006.  The distributions of dominant and 

non-dominant bacteria at SG could not be statistically distinguished from each other in 

January 2006 (Figure 3.4b).  In the SG site, the August 2005 and the August 2006 

dominant assemblage was significantly different from the non-dominant assemblage (P = 

0.038, P = 0.012). There were no significant differences in the abundance distributions 

for the high-elevation Oak-Pine Forest site within each bacterial group.  The structure of 

the non-dominant bacterial community in the LM site was not significantly different from 

that of the dominant community at this site.  However, the non-dominant bacteria did 
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show a trend in increasing ease in culturing throughout the course of the study (Figure 

3.5c). In the LM site, the frequency abundance histograms for dominant and non-

dominant bacterial communities remained stable as similar curves for each sampling 

period were observed. 

 

DISCUSSION 

Previous investigations of microbial communities have shown that the utilization 

of culture-based approaches produce results with greater sensitivity to environmental 

changes than the most common molecular analyses (10, 13, 40).  In the study conducted 

by Smit et al. (40), agricultural systems were monitored across seasons using both DGGE 

and culture-based analyses.  DGGE analysis revealed that the dominant bacterial 

community was stable across time.  However, analysis of the culturable bacterial 

community revealed an increase in the number of bacteria in the Low G+C division and a 

decrease in γ-proteobacteria between the January and July samplings.  The quantity of 

High G+C bacteria was found to be stable between the two sampling periods (40).  The 

study conducted by Ellis et al. (10) examined the response of the soil bacterial 

community to heavy metal contamination using both culture-dependant and independent 

techniques.  DGGE analysis did not detect significant changes in species composition 

within the bacterial community.  However, culture-based analysis revealed that metal 

contamination of soil altered the physiological status of several bacterial species, 

reducing their cellular functionality.  Smit et al. (40) also concluded that a limitation of 

culture-based approaches is that these techniques only allow for the observation of a 
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small portion of the bacterial community at any given time.  The studies by Ellis et al. 

(10) and Smit et al. (40) contribute to the concept that the readably culturable portion of 

soil bacterial communities are the most ecologically relevant (14); however a flaw in 

these studies is that the approaches resulted in them focusing on only those organisms 

that are readably culturable on high-nutrient content media.  Although Ellis et al. (10) 

utilized a “lower-nutrient” medium (R2A), counts in excess of 500 colonies occurred 

within a short incubation period, 5 days.  The study by Smit et al. (40) utilized a 10-fold 

diluted Tryptic Soy Agar, and plates were only incubated for eight days.  Therefore, both 

studies limited their analyses to only those fast-growing bacteria (R-Selected) and did not 

include slower-growing (K-Selected) bacterial species or oligotrophs (23), which require 

longer incubation periods (7).  Also, it is possible, with the high colony counts observed 

by Smit et al. (40) and Ellis et al. (10), that overcrowding on the culture media also 

inhibited the growth of the slower-growing organisms due to the depletion of nutrients (4, 

7).  For these reasons, the data from the current study suggest that some previous studies 

have overlooked an entire group of bacteria (culturable non-dominant) that display an 

interesting dynamic relative to the culturable dominant bacterial species in regards to 

response to environmental characteristics.  The importance of such a group of bacteria 

can only be theorized at this time due to the limited knowledge of the ecological 

dynamics and functional capabilities of this group of bacteria.  However, culturability 

studies utilizing non-traditional carbon sources (5, 7), increased incubation times (7), pH 

(36), which result in the culturing of non-dominant and/or rarely cultured bacteria, 

suggest these organisms reside and remain viable within specialized niches in the 
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environment, making them extremely important within their environment and potentially 

as Keystone Species and Keystone Functional Groups (43). 

Effect of culture media.  The three low-nutrient media created for this study, 

GASC-HEPES, GASC-MOPS and GASC-MES, each utilized a different pH buffer, as 

pH buffers have been shown to play a significant role in the culturing of bacteria within 

aquatic environments (2).  The results of this study extend the importance of pH buffers 

to culturing soil bacteria (both dominant and non-dominant) as the HEPES-buffered 

media resulted in higher colony counts than both other buffers utilized.  Although the 

effect of the MES buffer cannot be completely distinguished from the effect of the low 

pH, which accompanied it (the MES-buffered medium, at pH 5.5, was designed towards 

capturing the bacterial diversity in the Sotol Grasslands site, which has an average soil 

pH at or below 5.80), the MES-buffered culture media captured a relatively high amount 

of bacterial diversity as compared to the other culture media containing other buffers, 

despite major differences in soil pH across all three sites.  The low pH of the GASC-MES 

media allowed for the enumeration of a significant component of the soil bacterial 

diversity likely due to the lower pH, reducing competition with those species that are not 

acid tolerant (7).  A study conducted by Sait et al. (36) cultured several phylogenetically 

different bacteria from soils of pH 5.5 using media at pH 5.5 and 7.0.  Members of the 

phylum Acidobacteria made up 8% of the cultured isolates on the pH 5.5 medium, but 

less than 1% of the isolates cultured on pH 7.0 media.  The appearance of certain 

bacterial assemblages only on the low-pH medium (GASC-MES) suggested that the 

occurrence of certain assemblages of soil bacteria may posses a unique physiology which 



Texas Tech University, Jeb Clark, December 2007 

 69 

does not necessarily reflect the observed environmental conditions at the time of 

sampling.  These bacteria could be missed by routine culture attempts when using general 

soil conditions at a site as a template for constructing culture media. 

Bacterial group response to environment.  The criteria for designation of 

the culturable dominant and non-dominant groups of bacteria were created through a 

compilation of the current arguments and techniques utilized in the study of oligotrophy 

(23), VBNC (51), starvation-survival response (50), R/K-selection (46) and a series of 

successful studies where cultivations of “non-culturable” organisms occurred (2, 7, 18, 

37).  Common factors in each of the studies and analyses was the utilization of culture 

media containing low nutrient levels and increased incubation periods, allowing more 

time for oligotrophs and/or K-selected bacteria to grow while limiting copiotrophic 

and/or R-selected bacterial rapid proliferation.  An anticipated assumption, using the 

criteria above for the designation of the culturable dominant and non-dominant bacteria, 

was that the ratio of dominant to non-dominant cultured bacteria should be high as the 

non-dominant bacteria should exhibit greater difficulty in being enumerated.  This 

outcome was observed in this study as 82 bacterial isolates were classified as dominant 

and 68 isolates were categorized as non-dominant.  Although the number of non-

dominant bacteria appears high, it must be kept in mind that there were four different 

low-nutrient media from which the non-dominant bacteria were isolated and only one 

medium used to estimate the dominant component of the bacterial community.  

Therefore, on average, 17 non-dominant bacteria were cultured per low-nutrient medium 
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type (~5.6 per plate), whereas all 82 dominant bacteria were cultivated on NA 1/100 

alone. 

Despite changes in the environment, stability of the dominant bacterial 

community composition has been commonly observed using molecular-based analyses 

(10, 13, 40, Chapter II).  Stability in the dominant bacterial community, as a whole, was 

also observed in the current study as there were no statistical differences within the 

cultured dominant bacterial isolate distributions throughout the three sampling periods (1-

year) for each site.  The cultured bacterial isolates categorized as non-dominant in the 

current study also exhibited stability in number, despite variation over the sampling 

seasons in soil pH, soil temperature, nitrogen dynamics and moisture over sampling 

periods.  However, comparisons of the culturable dominant and non-dominant bacterial 

species abundance distributions did reveal biologically interesting changes occurring, 

primarily within the non-dominant proportion of the community over time.  Change in 

the structure of the species abundance distribution was most noticeable at the LM site, 

during the August 2006 sampling period that followed a major precipitation event, which 

resulted in members of the non-dominant population becoming more culturable.  This 

response corresponds with the fact that moisture is believed to be the most limiting factor 

within arid soil environments (20), and the response to increased precipitation exhibited 

by the bacterial communities was observed in several other studies (6, 31, 32, 41).  

Although the non-dominant isolates at the SG site in the current study did not show any 

specific response to the large precipitation event in August 2006, Bell et al. (3) did 

observe an increase in microbial biomass and substrate utilization, based on Biolog, of 
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the bacterial community within the Sotol Grasslands site, which was directly correlated 

with soil moisture during the August 2006 sampling.  The bacterial community in the GS 

site did exhibit a significant response during the precipitation event in August 2006; 

however, this response was slight and was reflected as an increase in the culturability of 

the dominant bacterial community.  It is possible that at this site, where moisture and 

temperature variability is the greatest along the gradient, both culturable dominant and 

non-dominant bacterial communities are equally regulated by environmental conditions 

and that the physiological differences between the two groups of bacteria is probably 

small. 

Bacterial community structure within each individual site, as evidenced by the 

species abundance curves, may help explain the differences in the culturable dominant 

and non-dominant community response to changes in the environment throughout the 

study.  The curves that were generated for the LM site could be described as Log series 

during both August samplings, while the Lognormal curve was the approximation during 

the winter.  At the LM site, the structure of the soil bacterial community shifts between a 

community structure governed by a few environmental factors in the summer to that of a 

system during the winter period in which community structure is influenced by several 

environmental factors (53).  The curves generated for the GS and SG sites are best 

described by a Log or Geometric models throughout all three sampling periods, 

suggesting that the species abundance at these locations along the environmental gradient 

is governed by one or a few environmental factors (53).  At the GS and SG locations, soil 
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moisture and soil temperature are likely the main determinants of bacterial community 

composition, community structure and activity. 

The shifts in bacterial community composition, primarily the dominant group, 

were evident within the Beta proteobacteria, and High GC divisions.  Isolates of 

Burkholderia sp. made up the majority of the Beta proteobacteria class and were 

relatively scarce in appearance during August 2005 throughout all three sites.  However, 

they were commonly found throughout all three sites during January and August 2006.  

Burkholderia sp. are commonly found within soil environments, ranging from artic soils 

(26) to extreme arid deserts (24), have been found in bulk soil (24) and are also known to 

be commonly associated with the rhizosphere of various plants (8, 11).  As soil samples 

were collected randomly throughout the course of the current study, the probability of 

collecting isolates associated with the rhizosphere increased going up the elevation 

gradient, as vegetation density increased.  The samples collected within the low desert 

scrub site (GS), which contained a relatively low density of plants as compared with the 

other two vegetation zones sampled, yielded isolates which displayed banding patterns 

matching each of the three species of Burkholderia cultured throughout the course of this 

study at the other sampling locations.  It is most likely these species of Burkholderia were 

associated with the rhizosphere soil.  Moreover, the relative absence of these isolates 

during August 2005 coincides with a period where the soil pH was at its highest for both 

the SG and GS sites and at its lowest for the LM site.  Several studies have related soil 

bacterial presence and community structure to soil pH (12, 36).  
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The High G+C division was made up of species from the genus Arthrobacter, 

which were found within each of the three study sites along the gradient.  Cultivation of 

the genus Arthrobacter has been successful in previous studies on high-nutrient media 

throughout summer and winter months (40), and they are well known for their abilities to 

metabolize environmental contaminants (9, 25).  In the current study, all of the 

Arthrobacter isolates were categorized as culturable dominant as they were detected from 

all media and were not limited to any specific site or sampling season.  Due to the ease in 

culturing both the Arthrobacter sp. and Burkholderia sp. from all locations along the 

watershed, these bacteria could play important functional roles within the soils of Big 

Bend National Park as members of the culturable dominant group. 

Conclusions.  A major assumption made throughout the course of this study 

was that bands that lined up across DGGE gels were representative of the same bacterial 

species.  This may have influenced the calculated frequencies of each bacterial isolate 

slightly, as the co-migration of bands within DGGE of different bacterial species has 

been previously reported (16).  However, the bias imposed by the PCR process, whereby 

the most dominant species within a sample has the highest probability of amplification 

(44), decreases the overall probability that two species with DNA that denatures at the 

same point within a denaturing gel would have a similar dominance within multiple 

sample media, sites and environmental conditions.  Therefore, culture-based analyses of 

bacterial communities are far more sensitive than the common molecular techniques for 

analyses of soil bacterial community responses to environmental conditions.  This is due 

to the ability to selectively isolate two different groups of bacterial assemblages 
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(culturable dominant and non-dominant) using variations of carbon concentrations, 

carbon sources, and pH buffers and increased incubation periods.  The culturable 

dominant and non-dominant communities do respond differently to environmental 

changes, and it is highly likely that these responses play a large role in the culturability of 

bacteria within soils from arid landscapes and possibly from most ecosystems. 
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Figure 3.1.  Ability of the five culture media utilized to culture soil bacteria from three vegetation zones along the Pine Canyon 

Watershed in Big Bend National Park. A) Average colony forming units across site and season.  Values are means ± standard 

deviations.  Different letters above media indicate significant differences at p = 0.05.  B) The number of bacterial species, 

determined using DGGE banding patterns, where growth was limited to a specific medium, for each site.  Media codes are as 

follows: Nutrient Agar diluted 
1
/100 (NA 

1
/100); Tryptone Yeast Agar diluted 

1
/1000 (TYA 

1
/1000). The three glucose, acetate, 

succinate, cellobiose (GASC) media were buffered with one of the following: MES, MOPS or HEPES.  Site codes are as follows: 

low-elevation desert-scrub Glenn Springs site (GS); mid-elevation Sotol Grasslands (SG); high-elevation Oak-Pine forest Lost 

Mine site (LM). 
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Figure 3.2.    .    Species-Abundance distributions across seasons, generated using potential abundance data from DGGE banding 

patterns across three sampling periods from three vegetation zone along the Pine Canyon Watershed in Big Bend National Park.  

A) Low-elevation Glenn-Springs site. B) mid-elevation Sotol-Grasslands site. C) high-elevation Oak-Pine Forest. 
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Figure 3.3.  Frequency of isolated and sequenced bacterial divisions throughout the three 

sampling periods, regardless of sampling site along the Pine Canyon Watershed in Big 

Bend National Park. Bacterial division codes: A-Proteo (Alpha proteobacteria), B-Proteo 

(Beta proteobacteria), G-Proteo (Gamma proteobacteria), Sphingo (Sphingobacteria). 
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Figure 3.4.  Frequency abundance histograms for cultured dominant and non-dominant bacterial groups across media for three 

vegetation zones along the Pine Canyon Watershed in Big Bend National Park.  A) Glenn Springs (GS); B) Sotol Grasslands 

(SG);  C) Lost Mine (LM).  Graphs on the left of each pair, represents the bacteria which were classified as dominant (N = 82), 

the graphs on the right are representative of the non-dominant bacteria (N = 68).  The curve within each graph represents the fitted 

normal curve for the associated distribution. 
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Figure 3.5.  Seasonal variation in the means of the species frequency abundance histograms along the Pine Canyon Watershed in 

Big Bend National Park.  A) The low-elevation Glenn-Springs site;  B) the mid-elevation Sotol-Grasslands site;  C) the high-

elevation Oak-Pine Forest site.  Error bars represent standard deviations. 
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Table 3.1. Nutrient and pH buffer contents and concentrations of the three GASC medium (low-nutrient).  The three GASC 

medium each contained the same macro-nutrients at the same concentrations, however, all three GASC medium differed in pH 

buffer 

Macro Nutrients Empirical Formula Molecule %C [mg/Liter] [µMolar] 

 Carbohydrates     
  Glucose C6H1206 40.0 7.49

 
41.6 

  Potassium Acetate C2H3KO2 24.5 12.2 124  
  Sodium Succinate C4H4Na2O4 29.6 10.1 62.4 
  Cellobiose C12H22O11 42.1 7.12 20.8 
      
 Ammonium Sulfate (NH4)2SO4 0 1.98 X 10

3
 1.50 x 10

4
 

 Potassium Phosphate K2HPO4 0 3.51 X 10
2
 2.60 X 10

3
 

Buffer 
Properties 

[g/Liter] [mMolar] pKa @ 25°C pH Buffering 
Range 

pH  

HEPES 2.383 10 7.50 ± 0.2 6.8 – 8.2 7.00 

MOPS 2.093 10 7.20 ± .015 6.5 – 7.9 7.00 

 

MES 1.952 10 6.09 ± 0.2 5.5 – 6.7 5.60 
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Table 3.2. Edaphic and environmental parameters recorded during the three sampling periods.  * indicates a significant difference 

(P<0.05).  Site codes are as follows:  Low-elevation Glenn Springs site (GS); mid-elevation Sotol Grasslands site (SG); high 

elevation Oak-Pine forest Lost Mine site (LM).  Values are ± standard deviations.  ª Indicates approximated values. 

 
Sampling  %SM pH MBC NH4

+
-N NO3

-
-N %SOM Soil Temp. 

 GS    (µg/Kg soil) (mg/Kg soil) (mg/Kg soil)  (min – max) 
  August 2005 3.60 ± 1.4 8.61 ± 0.2 136.75 ± 34.8 13.69 ± 3.5 4.49 ± 1.6 5.34 ± 0.7 22 – 38°C ± 2.2 
  January 2006 2.34 ± 0.6 8.42 ± 0.1 83.35 ± 27.3 2.62 ± 0.8 10.60 ± 2.7 4.94 ± 0.2 14 – 19°C ± 1.4 
  August 2006 7.31 ± 2.0 7.86 ± 0.5 128.94 ± 96.0 2.62 ± 1.3 14.50 ± 4.4 6.73 ± 5.5 29 – 37°C ± 3.2 
          
 SG         
  August 2005 * 11.47 ± 3.9 5.99 ± 0.5 252.67 ± 252.7 4.58 ± 5.4 5.57 ± 1.0 6.44 ± 1.7 22 – 32°C ± 2.5 
  January 2006 * 2.88 ± 0.6 5.58 ± 0.5 299.56 ± 300.0 15.03 ± 13.5 3.54 ± 0.5 5.91 ± 2.0 9 – 16°C ± 1.9 
  August 2006 8.57 ± 2.5 5.84 ± 1.0 288.70 ± 288.7 6.89 ± 3.0 6.99 ± 2.6 5.48 ± 1.4 22 – 30°C ± 3.1 
          
 LM         
  August 2005 14.46 ± 6.9 5.22 ± 0.9 866.98 ± 867.0 18.87 ± 14.2 5.74 ± 2.8 13.04 ± 9.8 ª 18 – 28°C ± 2.5 
  January 2006 6.26 ± 2.6 5.90 ± 1.0 230.48 ± 230.5 16.56 ± 17.5 5.15 ± 0.9 10.24 ± 5.2 ª 5 – 12°C ± 1.9 
  August 2006 21.43 ± 3.4 7.03 ± 0.5 3222.19 ± 3460.3 7.59 ± 10.1 7.93 ± 6.0 14.70 ± 6.4 18 – 21°C ± 1.5 
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Table 3.3.  Routledge β-diversity comparing each site along the Pine Canyon Watershed and seasonal contribution to overall 

bacterial diversity.  Site codes defined previously in Table 3.2. 

 

 

 

 

 

 

 

 

 

 

   Aug-05   Jan-06   Aug-06  

 Sites GS SG LM GS SG LM GS SG LM 

Aug-05 GS  35.47 35.94 34.06 41.05 33.09 35.54 48.95 27.59 
 SG   27.93 39.11 54.88 41.04 49.26 32.64 40.78 
 LM    47.60 27.69 38.11 51.41 34.56 41.61 

Jan-06 GS     28.45 56.94 25.80 30.18 42.84 
 SG      40.88 35.47 14.36 46.63 
 LM       38.22 32.96 35.73 

Aug-06 GS        32.14 41.05 
 SG         45.55 

 LM          
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Table 3.4.  Occurrence of sequenced bacterial isolates across season and elevation gradient of the Pine Canyon Watershed.  Site 

codes previously described in Table 3.2. * Indicates isolates which were categorized as non-dominant throughout this study. 

 

    No. of times the Isolate was observed  

     GS    SG    LM  
Isolate  Division  Aug.05 Jan.06 Aug.06  Aug.05 Jan.06 Aug.06  Aug.05 Jan.06 Aug.06 

 Caulobacter sp. α-Prot.  0 1 0  0 0 2  0 0 2 
 Inquilinus sp. α-Prot.  2 0 0  3 2 1  4 0 0 
 Inquilinus sp. α-Prot.  0 2 0  3 0 0  0 3 0 
 Sphingomonas sp. α-Prot.  0 0 3  0 1 2  0 2 0 
 Variovorax sp. β-Prot.  0 1 0  0 0 0  0 0 2 
 Burkholderia sp. β-Prot.  0 1 0  2 0 0  0 3 0 
 Burkholderia sp. β-Prot.  0 2 3  1 4 1  0 2 0 
 Burkholderia sp. β-Prot.  2 1 2  0 1 5  0 1 2 
 Ideonella sp. β-Prot.  0 1 1  0 0 1  1 2 0 
* Stenotrophomonas sp. γ-Prot.  1 0 0  0 0 0  0 0 0 
 Mycobacterium sp. High GC  0 0 1  0 0 1  5 0 0 
 Streptomycetes sp. High GC  0 0 0  2 0 0  4 0 0 
 Arthrobacter sp. High GC  1 3 2  0 0 1  0 0 2 
 Arthrobacter sp. High GC  0 1 0  0 0 0  0 0 2 
 Arthrobacter sp. High GC  0 0 0  2 1 0  2 2 0 
 Arthrobacter sp. High GC  1 0 0  0 1 1  0 0 0 
 Bacillus sp. Low GC  1 2 0  0 0 1  1 1 2 
 Bacillus sp. Low GC  1 1 0  0 1 1  0 2 3 
 Flexibacter sp. Sphingo.  0 1 1  0 0 1  0 0 0 
 Flexibacter sp. Sphingo.  0 0 0  0 1 0  3 0 0 
* Flexibacter sp. Sphingo.  0 0 0  0 0 0  1 0 1 
              
Shannon Diversity Index   0.82 1.04 0.80  0.75 0.82 0.99  0.82 0.92 0.88 
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CHAPTER IV 

FREE, OPEN-SOURCE MICROBIAL COMMUNITY ANALYSIS SOFTWARE FOR 

DENATURING GRADIENT GEL ELECTROPHORESIS GEL BAND COMPARISON 

 

ABSTRACT 

The use of Denaturing Gradient Gel Electrophoresis has increased dramatically 

since its discovered use for microbial community analysis.  However, analysis of bands 

can be difficult due to the complexity and density of bands that can be common to 

microbial community analyses.  To aid in the analysis of DGGE gels of microbial 

communities, we have developed gel analysis software for the Windows XP O.S.  A 

source code and compiled version of the software has been made freely available for 

download at http://www.biol.ttu.edu/faculty/jzak/DGGE_Soft 

 

INTRODUCTION 

The use of Denaturing Gradient Gel Electrophoresis (DGGE) for analysis of 

microbial communities has increased dramatically over the past several years (2, 3, 4, 7, 

8).  This technique utilizes an acrylamide and urea/formamide gradient (1), allowing 

PCR-amplified DNA to be separated based upon fragment size and G C content.  The 

theory behind the technique is that two strands of DNA with the same nucleotide content 
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and sequence will denature, producing a band at the same position within the chemical 

gradient (1).  However, as field-collected community DNA samples are observed across 

multiple denaturing gels, slight variations within the denaturing gradient gel can cause 

difficulty when comparing bands, as bands will denature within different portions of the 

gel.  By including lanes containing sequences of known bacterial species, reference 

points can be created for comparing each band across lanes and across gels, as sample 

bands should denature at the same position relative to the marker bands regardless of 

variation in the gradient.  Furthermore, the “smiling” and “frowning” effects that are 

common results in gels whose gradients are not confluent often makes comparing bands 

within a gel and across gels difficult.  However, if markers are run with a high frequency 

within a gel, the distortion of the gradient between reference points can be minimized, 

allowing relative band positions to be determined within and between gels with a greater 

level of accuracy.   

One approach for comparing band positions, which uses internal markers to assess 

the relative positions of bands and compares bands using regression analysis within and 

across gels, is currently available online (5). However, this online application requires the 

user to run several internal markers in each lane to be analyzed, which can cause 

difficulties when analyzing a highly diverse microbial community as bands become 

compressed together.  The approach developed by Huber and Peduzzi (5) also relies on 

the utilization of potentially expensive and complicated software packages to determine 

the band pixel locations from an arbitrary point within the gel or having to measure band 

positions by hand.  To assist in the comparison of community-level bacterial DNA 
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profiling, I have developed new software that allows for comparisons of bands within and 

across gels that does not require internal markers as reference points, only border lanes 

with known markers.  Moreover, hand measurements of band locations have been 

eliminated and are instead calculated from the center of each band.  The software 

described here was developed for the analysis of DGGE gels, although the theory behind 

it makes its applicable (with minor modification to the code) for certain agarose gel 

analyses and for analysis of TDGGE gels.   

 

MATERIALS AND METHODS 

The software was written in the C# language using Microsoft Visual Studio 2005 

(Microsoft Corp., Redmond, WA.), and was created to run on a Windows XP OS 

platform.  A source code and a compiled version of the software have been made 

available for download at: http://www.biol.ttu.edu/faculty/jzak/DGGE_Soft 

 

RESULTS AND DISCUSSION 

The analysis of DGGE gels is conducted by determining a hypothetical position in 

the inner lanes of the gel from each marker band, based upon their relative denaturing 

position in the lanes bordering the gel.  Hypothetical positions of marker bands are 

determined by matching actual marker bands across the gel and calculating a straight line 

between their positions (Figure 4.1).  In that the calculated lines are straight, gels which 

result in substantial band curvature across marker lanes should not be analyzed with this 

software.  However, by including marker lanes within the inner lanes of a gel, slight 
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curvature between markers does not compromise the accuracy of measurements.  

Individual band positions were then determined as a percentage of the distance traveled 

between two hypothetical marker band positions, one marker band above and one maker 

band below the sample band.  Individual band positions are then stored in memory within 

the software and can be compared to any other band analyzed under the same marker.  

There are three options programmed into the software for data output.  The first 

method of data output should be utilized for both single gel and multi-gel analyses.   This 

method lists the ID number of each unique band stored in memory or it lists the ID 

number of another band that matches the bands position (Table 4.1).  Also, provided in 

this output is a Match% value, which indicates how close the current band matches a 

similar, previously analyzed band.  This value will always indicate 100% for a never-

before-observed band.  The second form of data output is for multi-gel analysis (Table 

4.2).  This output lists the band ID numbers for each band analyzed within all gels 

followed by a column of “+” and “-“ symbols for each gel (the user may also select to 

have a column for each lane).  The “+” symbol represents a matching band within the 

corresponding gel (or lane depending on user settings), whereas a “-“ symbol indicates 

the absence of a matching band.  Another output option is available for both the single 

and multi-gel analysis.  This output consists of a digital image of the gel, where matching 

bands are displayed in identical color across a gel. 

A drawback of using the closest marker bands above and below the sample band, 

for determining the position of the sample band occurs when the sample band’s 

denaturing position is close to that of a marker band (Figure 4.2).  In addition, due to the 
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possibility of variation in band sizes, the center of a band may differ across gels and lead 

to other bands being labeled as identical or different than an identical band in a different 

lane.  This problem also occurs in gels which curve substantially.  However, the user may 

minimize this problem as he/she can modify sensitivity values to compensate for these 

problems.  Also, this software simply analyzes the image; the problem of band co-

migration (6), where two bands originating from different species will denature at similar 

positions within gels, still poses a potential bias as the software will likely consider these 

bands as similar.  This can be minimized in the software as the user has the capability to 

change the allowed Match% value, which is used to determine the variability in band 

matching.  If the user increases this value, the software will require a higher Match% 

between band locations for labeling bands as identical.  Another solution which can be 

utilized when necessary is to follow gel analysis with genetic sequencing of bands. 
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Figure 4.1.  Denaturing Gradient Gel Electrophoresis gel demonstrating the calculation of 

hypothetical marker band position across gel lanes.  The white lines across the gel 

indicate these theoretical positions.  Sample bands which lie between two theoretical 

lines will be analyzed by those markers.  Lane designations, from left to right, are as 

follows: lane 1 – Marker, lane 2 – Blank, lane 3 – Citrobacter freundii., lane 4 – 

Escherichia coli, lane 5 – Klebsiella pnemoniae., lane 6 – Staphylococcus aureus, lane 7 

– Blank, lane 8 – Marker.  Lanes 9-15 are repeats of lanes 2-8. 
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Figure 4.2.  Denaturing Gradient Gel Electrophoresis gel demonstrating potential software 

bias.  * Indicates bands of Escherichia coli 16S rDNA, however the software identified 

them as matches with the 16S rDNA of Citrobacter freundii because of their similar 

denaturing position.  ** Indicates bands of Staphylococcus aureus 16S rDNA which, due 

to curvature in the right half of the gel, were identified as two different bands.  Lane 

designations are described in Figure 4.1. 
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Table 4.1.  Hypothetical single-gel output generated by the software when comparing 

bands within a single DGGE gel.  Each individual band is assigned a Match# which is 

stored in memory.  Any identical bands will be assigned the same Match#.  Bands which 

are assigned a new Match# are indicated by the “NEW RECORD!” tag.  Bands which are 

identical to another are given a Match% value indicating the amount of similarity 

between the matching bands. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Lane#1 – Lane Designation: Sample  
   Band#0 – Match#1A1000 
                   NEW RECORD! 

 

    
   Band#1 – Match#1A1001 
                   NEW RECORD! 

 

     
   Band#3 – Match#1A1002 
                   NEW RECORD! 

 

     
Lane#2 – Lane Designation: Sample     
   Band#4 – Match#1A1001 Match% 99.03745 
  
   Band#5 – Match#1A1003 
                   NEW RECORD!  

 

  
   Band#6 – Match#1A1002 Match% 95.07335 
  
Lane#3 – Lane Designation: Sample  
   Band#7 – Match#1A1002 Match% 98.33433 
  
   Band#8 – Match#1A1004 
                   NEW RECORD! 

 

  
   Band#9 – Match#1A1001 Match% 97.83322 
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Table 4.2.  Hypothetical multi-gel output generated by the software when comparing two 

multiple gels.  In the hypothetical gel below, known bacterial isolates were run in 

individual lanes of a DGGE gel and compared to various unknown bacterial species.  A 

“+” symbol indicates a matching band under the corresponding lane.  A “-“ symbol 

indicates the absence of a match to the known bacterial species band. 
Isolates   
(Gel #1) 

Sampling 
(Gel #2) 

 
 
 

Lane# 
Species ID 

0 1 2 3 4 5 

 

0 1 2 3 4 5 6 

 

A1000 - + - - - -  - + - - - - -  
A1001 - - + - - -  - - + - - - -  
A1002 - - - + - -  - + - - - + -  
A1003 - - - - + -  - - - - - - -  
A1004 - - - - - +  - - - + + + -  
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APPENDIX 

 

                                      DGGE ANALYSIS OF MICROBIAL DNA 

 

                                              PCR AMPLIFICATION OF MICROBIAL RIBOSOMAL DNA 

 

                                          Protocol developed by Jeb S. Clark & James H. Campbell 
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I.  Preparation of PCR reagents 

 A.  The following reagents should be stored at -20°C and thawed as needed: 

  1.  Oligonucleotide primer stock solutions (1 nmol/µL) 

  2.  Oligonucleotide primer working solutions  (10 pmol/µL) 

  3.  Taq polymerase buffer (10×) 

  4.  dNTP’s (2.5 mM each dATP, dCTP, dTTP and dGTP) 

  5.  Taq polymerase (5 U/µL) 

 B.  Working solutions of primers are made of 10
-2

 dilutions of stock solutions.  Such dilutions  

                    such be made with extreme caution. 

 

II.  Preparation of PCR 

 A.  Warm up the Robocycler at least 30 min prior to amplification. 

B.  Each reaction should contain the following components in this order.  Mix gently by   inverting 

until glycerol is dispersed. 

  1.  dH2O = to 23 µL 

  2.  primer F = 20 pmol 

  3.  primer R = 20 pmol 

  4.  buffer (10×) = 1× 

  5.  dNTP’s = 0.4 mM each 

  6.  Taq = 1.5 U 

 C.  An extra aliquot of master mix should be included for every 10 reactions to be set up. 

 D.  Dispense master mix (23 µL) into sterile, thin-walled, 0.2 mL PCR tubes. 

E.  Add 25 ng of soil-extracted gDNA in a 2 µL volume.  If DNA is too dilute to accomplish this, 

a higher volume of extractant can be added to the reaction.  However, the excess volume must 

be removed from the dH2O of the master mix to compensate. 

F.  At least one “no DNA control (NDC)” should be set up in tandem with each set of reactions.  

This reaction will contain master mix as per normal, but DNA solution will be substituted with 

sterile, dH2O. 

 G.  For nested PCR’s, the above protocol will suffice for primary amplifications.  Secondary  

                    amplifications are set up using 1 µL of the primary amplification and 24 µL of master mix. 

 H.  An extra NDC is required for secondary amplifications.  This will contain 1 µL of the NDC 

                    from the primary PCR.  Additionally, a fresh NDC with sterile, dH2O is added to secondary  

                    amplifications. 

 I.  Place reactions in the Robocycler, avoiding the outer edges of the block. 

 J.  Close the heated top and press “Enter” to begin cycling. 
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III.  PCR Oligonucleotide primers 
 

 
Domain / Oligo 
name 
 

 
Sequence (5’→3’) 

 
Reference(s) 

   
Bacteria  (3) 
 341fgc* CCTACGGGAGGCAGCAG  
 519r ATTACCGCGGCTGCTGG  
   
Archaea  (4) 
 PRA46f (C/T)TAAGCCATGC(G/A)AGT  
 PREA1100R (T/C)GGGTCTCGCTCGTT(G/A)CC  
 PARCH340fgc* CCCTACGGGG(C/T)GCA(G/C)CAG  
 PARCH519r TTACCGCGGC(G/T)GCTG  
   
Fungi  (1,2) 
 P1 ATCAATAAGCGGAGGAAAAG  
 P2 CTCTGGCCTTCACCCCTATTC  
 U1fgc** GTGAAATTGTTGAAAGGGAA  
 U2r GACTCCTTGGTCCGTGTT  
   
 
Universal clamp 

 
CGCCCGCCGCGCGCGGCGGGCGGGGCGGGGGCACGGGGGG 
 

 
(1,3) 

 

* Full-length universal clamp was added to 5’ terminus of oligonucleotide primers. 

 

** Only the underlined 37-base clamp was added to the 5’ terminus of the oligonucleotide primer. 
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IV.  PCR temperature profiles 

 

 A.  Bacterial PCR: 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Phase / Temperature 

 

Time 

 

Cycles 

 

 

Window #1  1 

 98ºC 1 min  

 51ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 

  

Window #2  35 

 98ºC 15 sec  

 51ºC 45 sec  

 72ºC 1 min  

 

6ºC 

 

0 min 

  

Window #3  1 

 98ºC 0 min  

 51ºC 0 min  

 72ºC 10 min  

 

6ºC 

 

0 min 

  

Window #4  1 

 98ºC 0 min  

 51ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 
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 B.  Archael PCR: 

  

 Primary amplification:             Secondary amplification: 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Phase / Temperature 

 

Time 

 

Cycles 

 

 

Window #1  1 

 98ºC 1 min  

 40ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 

  

Window #2  35 

 98ºC 15 sec  

 40ºC 1 min  

 72ºC 1 min  

 

6ºC 

 

0 min 

  

Window #3  1 

 98ºC 0 min  

 40ºC 0 min  

 72ºC 10 min  

 

6ºC 

 

0 min 

  

Window #4  1 

 98ºC 0 min  

 40ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 

  

 

Phase / Temperature 

 

Time 

 

Cycles 

 

 

Window #1  1 

 98ºC 1 min  

 62ºC 0 min  

 72ºC 0 min  

 6ºC 0 min  

 

Window #2  35 

 98ºC 15 sec  

 62ºC 1 min  

 72ºC 1 min  

 6ºC 0 min  

 

Window #3  1 

 98ºC 0 min  

 62ºC 0 min  

 72ºC 10 min  

 6ºC 0 min  

 

Window #4  1 

 98ºC 0 min  

 62ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 
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 C.  Fungal PCR: 

  

 Primary amplification:             Secondary amplification: 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Phase / Temperature 

 

Time 

 

Cycles 

 

 

Window #1  1 

 98ºC 1 min  

 45ºC 0 min  

 72ºC 0 min  

 6ºC 0 min  

 

Window #2  35 

 98ºC 15 sec  

 45ºC 1 min  

 72ºC 1 min  

 6ºC 0 min  

 

Window #3  1 

 98ºC 0 min  

 45ºC 0 min  

 72ºC 10 min  

 6ºC 0 min  

 

Window #4  1 

 98ºC 0 min  

 45ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 

  

 

Phase / Temperature 

 

Time 

 

Cycles 

 

 

Window #1  1 

 98ºC 1 min  

 53ºC 0 min  

 72ºC 0 min  

 6ºC 0 min  

 

Window #2  35 

 98ºC 15 sec  

 53ºC 1 min  

 72ºC 1 min  

 6ºC 0 min  

 

Window #3  1 

 98ºC 0 min  

 53ºC 0 min  

 72ºC 10 min  

 6ºC 0 min  

 

Window #4  1 

 98ºC 0 min  

 53ºC 0 min  

 72ºC 0 min  

 

6ºC 

 

0 min 
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V.  Confirmation of amplification via agarose gel electrophoresis 

 A.  An agarose gel electrophoresis standard (Hind III digest of bacteriophage λ) will need to be  

                    prepared as follows: 

  1.  λ/Hind III = 50 ng/µL 

  2.  loading buffer = 1× 

  3.  EDTA (pH 8.0) = 50 mM (final concentration) 

 B.  Cast a 0.7% agarose gel with 0.5× Tris-Borate-EDTA (TBE). 

 C.  Load 250 ng of λ standard. 

 D.  Load 5 µL of each PCR product in separate lanes. 

 E.  Electrophorese at 65V for approximately 45 min. 

 F.  Visualize the gel with a UV transilluminator. 

 G.  Repeat amplifications and agarose gel electrophoresis as necessary. 
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PREPARATION OF MATERIALS AND REAGENTS 

 

I.  Preparation of solutions 

A.  The following solutions may be prepared in advance (≈1 week) and stored dark at room temperature: 

  1.  Tris-Acetate EDTA (1×) for one tank: 

   a.  TAE stock (50×) = 140 mL   

   b.  dH2O = 6860 mL 

  2.  Gel loading buffer for agarose and acrylamide: 

   a.  glycerol = 30% 

   b.  bromophenol blue = 0.25% 

   c.  EDTA (ph = 8.0) = 50 mM 

  3.  Ethidium bromide staining solution: 

   a.  TAE stock (50×) = 14.3 mL 

   b.  Ethidium bromide stock (20×) = 37.5 mL 

   c.  dH2O = 698.3 mL 

  4.  Denaturing solution with 8% acrylamide and 0% denaturant (8-0) stock solution: 

   a.  Acrylamide/bis (40%; 37.5:1) = 20 mL 

   b.  TAE stock (50×) = 1 mL 

   c.  dH2O = 79 mL 

5.  Denaturing solution with 10% acrylamide and 0% denaturant (10-0) stock solution: 

   a.  Acrylamide/bis (40%; 37.5:1) = 25 mL 

   b.  TAE stock (50×) = 1 mL 

   c.  dH2O = 74 mL 

6.  Denaturing solution with 8% acrylamide and 100% denaturant (8-100) stock solution: 

   a.  Acrylamide/bis (40%; 37.5:1) = 20 mL 

   b.  TAE stock (50×) = 1 mL 

   c.  urea = 42 g 

   d.  formamide = 40 mL 

   e.  dH2O = 5 mL 

    Note:  This must be heated for 30 min at 60°C. 

7.  Denaturing solution with 10% acrylamide and 100% denaturant (10-100) stock 

solution: 

   a.  Acrylamide/bis (40%; 37.5:1) = 25 mL 

   b.  TAE stock (50×) = 1 mL 

   c.  urea = 42 g 

   d.  formamide = 40 mL 

   e.  dH2O = 1 mL 

    Note:  This must be heated for 30 min at 60°C. 

8.  Denaturing solution with 8% acrylamide and 30% denaturant (8-30) working solution: 

   a.  8-0 stock = 16.8 mL 

   b.  8-100 stock = 7.2 mL 

    Note:  This solution will make two gels. 

9.  Denaturing solution with 10% acrylamide and 65% denaturant (10-65) working 

solution: 

   a.  10-0 stock = 8.4 mL 

   b.  10-100 stock = 15.6 mL 

    Note:  This solution will make two gels. 

  

B.  The following solution can be made in advance (≈4 weeks) and stored at -20°C: 

  1.  Ammonium persulfate (APS) 

   a.  APS = 0.1 g 

   b.  dH2O = 1 mL 
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    Note:  Warm until dissolved and store in 120 µL aliquots. 

 

 

II.  Cleaning equipment 

 A.  Glass plates and spacers: 

1.  After each electrophoresis is complete, soak glass plates and spacers in a solution 

(≈15%) of CiDecon. 

2.  Before casting gels, wash plates and spacers with undiluted CiDecon and tap water 

until they are clean and free of debris. 

3.  Spray plates (both sides) and spacers with 95% ethanol.  Immediately scrub plates and 

spacers with KimWipes until they squeak. 

 B.  Foam seals on plate assembly module: 

  1.  Wash seals with water and ethanol (95%), if necessary. 

  2.  Seals have a shelf life of approximately 12 months under heavy usage. 

 C.  Rubber seals on plate core module: 

  1.  Make sure seals adhere to core. 

  2.  Seals have a shelf life of approximately 12 months under heavy usage. 

 D.  Syringes, tubing and needles on gradient maker: 

1.  Flush syringe assembly with 1× TAE buffer (in electrophoresis tank) several times. 

  2.  Flush syringe assembly with air until completely dry. 

  3.  Detach each syringe assembly from “Y” coupler. 

 E.  Combs: 

1.  Inspect comb for debris.  If debris is observed, scrub with 95% ethanol and KimWipes 

until debris is removed. 

 F.  Spacer card: 

  1.  Clean petroleum jelly from card. 
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PREPARATION AND ELECTROPHORESIS OF DENATURING GRADIENT GELS 

 

 

I.  Assembly 

 A.  Assembly of plates in assembly module: 

  1.  Lightly coat spacers using petroleum jelly and a cotton-tipped swab. 

  2.  Align spacers with edges of glass plates. 

  3.  Lightly attach appropriately-sized plate clamps to plates and spacers. 

Note:  Clamps are directional.  Be sure plates fit in notches prior to tightening clamps.  Failure to properly 

align plates in clamp notches will result in the plates cracking. 

  4.  Place clamp/plate assembly into alignment brackets on the plate assembly module. 

5.  Loosen clamps to allow glass plates and spacers to become flush on their bottom 

edges. 

  6.  Place card (beveled-side down) between glass plates and spacers. 

  7.  Push plate clamps firmly against glass plates.   

8.  Tighten screws on plate clamps until resistance is felt.  Do not over-tighten clamps. 

9.  Remove spacer card from plates.  Glass plates and spacers should be flush and should 

extend past plate clamps slightly. 

         10.  Place plate assembly onto foam strips on clamping assembly. 

  11.  Tighten lugs to plate clamps on assembly. 

Note:  A bead of the foam strip should be visible between the glass plates.  If it is not visible, loosen lugs 

and repeat entire alignment process (steps 4-10).  If a good seal is not achieved, the gel will leak from 

plates before it can polymerize. 

12.  Rotate gradient maker wheel (toward user) so syringe compression arms are moved 

toward user. 

  13.  Ensure syringe housings are set at 11-12 mL markers. 

 

II.  Casting of gels 
 A.  Dispense the following working solutions into separate, labeled 14 mL centrifuge tubes. 

  1.  8-30 working solution = 12 mL 

  2.  10-65 working solution = 12 mL 

  3.  8-0 (stacking) solution = 10 mL 

 B.  Add the following volumes of TEMED to each solution: 

  1.  8-30 solution = 16 µL 

  2.  10-65 solution = 16 µL 

  3.  8-0 (stacking) solution = 20 µL 

 C.  Cap and invert tubes three times to mix TEMED. 

D.  Add the following volumes of APS to each solution.  This starts the polymerization process 

and subsequent steps must be completed within 5 min. 

  1.  8-30 solution = 37.5 µL 

  2.  10-65 solution = 37.5 µL 

 E.  Immediately cap and invert solutions three times. 

F.  Using the appropriate syringes and attached tubing, draw entire 8-30 and 10-65 solutions into 

syringes. 

 G.  Attach the syringe containing the 8-30 solution to the left side of the gradient maker. 

 H.  Attach the syringe containing the 10-65 solution to the right side of the gradient maker. 

 I.  Connect tubing of each syringe to the “Y” coupler and needle attachment. 

 J.  Fit needle between plates and centered between spacers. 

K.  Slowly dispense the entire contents of each acrylamide solution into plates.  Any remaining 

fluid should be dispensed into one of the centrifuge tubes for safe disposal. 

 L.  Immediately flush syringe assembly with 1× TAE (in electrophoresis tank) three times. 

 M.  Remove needle and one syringe from the syringe assembly. 

 N.  Remove piston from syringe, and attach need to Luer-Lok on the syringe. 
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 O.  Place needle and syringe barrel between glass plates and against one of the spacers. 

 P.  Add 40 µL of APS to the centrifuge tube containing the 8-0 (stacking) solution. 

 Q.  Cap and invert the tube three times. 

 R.  Pour stacking solution into syringe barrel (already in the plates). 

 S.  Gently attach the syringe piston to the syringe barrel. 

T.  Slowly dispense the stacking gel onto the gradient gel with minimal disruption to the gradient. 

 U.  Place comb into plates, one edge at a time.  Some overflow of the stacking gel will occur. 

V.  Allow the gel to polymerize for a minimum of two hours.  Allowing four hours for 

polymerization is optimal.  Gels can desiccate if left too long. 

 

III.  Electrophoresis 

 A.  Pre-electrophoresis: 

1.  Approximately one hour prior to electrophoresis, warm the running buffer and core 

assembly to 60°C. 

2.  Approximately 10 minutes prior to electrophoresis, clamp the gel into the warm core 

assembly. 

  3.  Incubate the gel and core assembly in the warm buffer for ten minutes. 

  4.  Remove the core assembly and attached gel from the warm buffer. 

5.  Slowly remove the comb from the gel while monitoring the lane spacing and shapes.  

If wells begin to explode or implode, release the comb and try again. 

6.  Place the core and attached gel in the electrophoresis tank, allowing the wells to fill 

with buffer. 

  7.  Load the gel. 

  8.  Pulse the DNA into the stacking gel at 96V for 10 min. 

  9.  Reduce the voltage to 56V and electrophorese for 1000Vhr. 

 

IV.  Staining and visualization 

 A.  Remove the gel from the core assembly. 

 B.  Remove clamps from the plate assembly. 

 C.  Slide one spacer from the plates, and use it to gently pry the glass plates open. 

 D.  Remove one plate from the gel. 

E.  Submerge the gel and remaining plate in the ethidium bromide staining solution (gel side up) 

for 20 min.  Use a timer to ensure proper staining time; gels cannot be re-stained easily. 

F.  Remove the plate and gel from the staining solution, and carefully drain excess ethidium 

bromide. 

G.  Add one piece of paper towel to the surface of the gel to absorb residual moisture and gel 

debris. 

 H.  Slowly, but immediately, remove the paper towel and discard in the chemical waste bin. 

 I.  Create a pool of dH2O on the transilluminator. 

 J.  Place the gel side of the plate into this pool, and press gently on the plate. 

 K.  Peel plate from the gel. 

 L.  Image the gel. 

 M.  Discard the gel in the chemical waste bin. 

 N.  Decontaminate imager with CiDecon, ethanol (95%) and paper towels. 

 O.  Discard paper towels in the chemical waste bin.  
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